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ABSTRACT: 

 

Project 1:  Dilated cardiomyopathy affects approximately 1 in 2,500 individuals in the 
United States and is the 3rd most common cause of heart failure and the most frequent 
cause of heart transplantation. Patients that suffer from various muscle diseases, 
including Duchenne muscular dystrophy (DMD), develop progressive cardiomyopathy. 
Cellular cardiomyoplasty, which involves the transplantation of exogenous cells into the 
heart, is a possible approach by which to repair diseased or injured myocardium and 
improve cardiac function. Though there are a number of drugs prescribed to treat 
dilated cardiomyopathy, there is no cure and individuals eventually require a heart 
transplant; therefore the use of cardiomyoplasty to repair the hearts of individuals 
suffering from cardiomyopathy could possibly be an effective alternative to heart 
transplantation. Technical Objective #1: To investigate the effect of cell survival, 
proliferation, and differentiation on the regeneration/repair capacity of various human 
MDSC populations implanted into the heart of mdx/SCID mice.  Technical Objective #2: 
To investigate the role that angiogenesis plays in the regeneration/repair capacity of 
human MDSCs injected into the hearts of mdx/SCID mice.  

 

 Project 2:  This project will determine the extent to which novel sources of hepatocytes 
can be used for regeneration and repair of injuries to the liver and liver failure. A more 
complete understanding of the extent to which donor liver cells can be resuscitated from 
non-traditional sources and expanded for application to reduce liver injury and toxin 
and/or cancer risk should enhance the number of areas where hepatic stem cell 
transplantation might be effectively applied.   Technical Objective #1: To characterize 
and expand hepatocytes from patients with cirrhosis and end-stage liver disease in 
immune deficient hosts whose livers permit extensive repopulation with donor cells. 
Technical Objective #2: To determine the extent to which transplantation with human 
hepatocytes can reverse hepatic failure in a clinically relevant non-human primate 
model of this process. 
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Sub-project 1: Muscle Stem Cell Therapy for the Treatment of  

DMD Associated Cardiomyopathy 

PI: Johnny Huard 

 

INTRODUCTION: 

Cardiomyopathy is a serious disease of the heart muscle that can lead to congestive heart failure, a condition in 
which the heart can no longer effectively pump blood. Dilated cardiomyopathy affects approximately 1 in 2,500 
individuals in the United States and is the 3rd most common cause of heart failure and the most frequent cause 
of heart transplantation. Patients that suffer from some diseases of the cytoskeleton, such as the progressive 
muscular dystrophies, often develop cardiomyopathy. Duchenne muscular dystrophy (DMD), one of the 
progressive muscular dystrophies, is an X-linked muscle disease caused by mutations in the dystrophin gene. 
This devastating disease is characterized by progressive muscle weakness due to a lack of dystrophin expression 
at the sarcolemma of muscle fibers. DMD patients usually develop symptoms of dilated cardiomyopathy in their 
early teens, and these symptoms steadily progress with age. This dilated cardiomyopathy is characterized by an 
enlarged ventricular chamber, wall thinning, and systolic dysfunction. Histological examination of a human 
DMD cardiomyopathic heart reveals fibrosis, degeneration, and fatty infiltration. The lack of dystrophin has 
consequently been linked to the cardiomyopathy that develops in DMD. In the hearts of mdx, dystrophin-
deficient, mice (a murine model of DMD), especially in aged mdx mice, fibrosis and degeneration of the 
myocardium are evident upon histological examination. Because the mammalian heart possesses only a limited 
capacity to regenerate new cardiac muscle after injury and disease, noncontractile scar tissue eventually 
replaces the injured and diseased myocardium. Cellular cardiomyoplasty, which involves the transplantation of 
exogenous cells into the heart, is a possible approach by which to repair diseased or injured myocardium and 
improve cardiac function. Though there are a number of drugs prescribed to treat dilated cardiomyopathy, there 
is no cure and individuals eventually require a heart transplant; therefore the use of cardiomyoplasty to repair 
the hearts of individuals suffering from cardiomyopathy could possibly be an effective alternative to heart 
transplantation.  

Technical Objectives 

Technical Objective #1: To investigate the effect of cell survival, proliferation, and differentiation on the 
regeneration/repair capacity of various human MDSC populations implanted into the heart of mdx/SCID mice.  

Hypothesis: After implantation into the heart, the human muscle derived cells abilities to survive and undergo 

long-term proliferation play a role in their efficient regeneration and repair of diseased cardiac tissue.  

Technical Objective #2: To investigate the role that angiogenesis plays in the regeneration/repair capacity of 

human MDSCs injected into the hearts of mdx/scid mice. 

Hypothesis: Enhancing angiogenesis will increase the regeneration/repair capacity of human muscle derived 

cells injected into the hearts of mdx mice. 
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Figure 2 

 

BODY: 

 

Progress made from: 10-1-11 to 9-30-12 

1) Double Utrophin/dystrophin knockout mice (dKO mice) develop a more severe cardiomyopathy than 

the mdx mice.  

DMD patients die of cardiac or respiratory failure 
in their 3rd decade (1). The Mdx mouse model has 
near-normal cardiac function until very late in life; 
therefore, we aimed to determine if dystrophin-/- 
utrophin+/- (double knock-out, DKO het) mice 
might represent a superior model of DMD 
associated cardiomyopathy, and test it to see if we 
could eventually treat DMD associated heart 
failure via cell therapy. Some hallmarks of 
cardiomyopathy include inflammation and fibrosis 
which leads to decreased contractility and thus 
dysfunction of the heart. Left ventricle dilation and 
wall thinning which leads to a decreased ability to 
pump blood (contractile dysfunction), decreased 
angiogenesis, which leads to greater cell death due 
to a of lack of appropriate nutrients and oxygen , 
and arrhythmias (2). First we assayed and compared the amount of fibrosis in the hearts of mdx and DKO het 
mice at the ages of 10 weeks to 17 months. We found similar levels of fibrosis in mdx mice at 10 weeks and 

DKO het mice at 14 weeks (Figure 1A 

and B); however, the DKO het mice 
appeared to accumulate cardiac fibrosis 
more rapidly than mdx mice. The DKO 
het mice at 8 months had similar fibrosis 
levels to mdx mice at 17 months (Figure 

1C -F).  

Therefore we went on to further 
characterize the hallmarks of 
cardiomyopathy in DKO het mice aged 6-
10 months. First we looked at global 
fibrosis from 6-10 months and found 
rapidly increasing fibrosis levels (Figure 

2). Next, we characterized the cardiac 
function looking at end diastolic area and 
fractional area change.  Dilation of the 
hearts increased with the age of the mice 

Figure 1 
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which is shown in Figure 3 and quantified in Figure 4 as end diastolic area. Correspondingly, the cardiac 
functional parameter fractional area change decreases from 6-10 months (Figure 4). 

 

 

 

 

Figure 3 

 

Figure 4 
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Finally, we examined angiogenesis in the DKO het hearts and found that the percent area of CD31+ endothelial 
cells increased at 10 months; however, the number of alpha smooth muscle actin positive cells, which marks 
more mature vascular structures, decreased from 6-7 months and then remained fairly constant through to 10 
months (Figure 5).  

In conclusion, as DKO mice age cardiac fibrosis levels, dilation, and FAC get progressively worse making them 
a better model for DMD associated cardiomyopathy than the mdx mice, which do not develop severe 
cardiomyopathy until much later in life. Therefore, we have selected to use the DKO mouse model for the 
remaining of the experimental objectives which aim to develop biological approaches based on muscle derived 

stem cells to improve cardiac function after cardiomyopathy. 

2)  Intramyocellular lipid accumulation, fibrosis and HO in cardiac muscle of dKO mice are more 

extensive then in mdx mice: The role of RhoA in the cardiac histopathology observed in dKO mice. 

(Appendix 1) 

 

Heterotopic ossification (HO) or ectopic fatty infiltration often occurs in muscle tissues in various disease 
states, and can contribute to impaired metabolism, muscle force production, and mobility function (3, 4). HO is 
a process where bone tissue forms in soft tissues, which can be caused by trauma, surgery, neurologic injury 
and genetic abnormalities (4). Bone Morphogenetic Proteins (BMPs) are known to be responsible for the 
induction of HO in damaged skeletal muscle (5). Previous studies in our laboratory demonstrated that HO 
induced by BMP-4, demineralized bone matrix, and trauma in skeletal muscle mouse model could be repressed 
by overexpressing Noggin, a BMP antagonist (6). Fatty infiltration is the accumulation of fat cells outside the 
typical fat stores underneath skin, and has been reported to be associated with aging, inactivity, obesity, and 
diseases like diabetes (3, 7, 8). Fatty infiltration into skeletal muscle (intramuscular adipose tissue, IMAT) is 
often associated with disorders in lipid metabolism (7-9); however, disorders in lipid metabolism in skeletal 
muscle can often cause another type of abnormal lipid deposition: intramyocellular lipid accumulation (10-12). 
More important for the current proposal, intramyocellular lipid accumulation also occurs in cardiac muscle 
(intramyocardial lipid accumulation) which can also be similarly caused by disorders in lipid metabolism or 
lipid overload, which leads to lipotoxicity and cardiac dysfunction, and can be a sign of myocardial degradation 
during the progression of cardiac dysfunction (13-17). Intramyocellular lipid accumulation in cardiac muscle 
(intramyocardial lipid accumulation) has been observed in DMD patients, especially in the most damaged area 

Figure 5  
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of the heart (18, 19). Here we suggest that intramyocellular lipid accumulation may occur in the cardiac muscles 
of DKO mice as well and could be correlated with the progress of phenotypes such as fibrosis formation.  
 

RhoA is a small G-protein in the Rho family that regulates cell morphology and migration in response to 
extracellular signals, via reorganizing actin cytoskeleton (20, 21). The RhoA-Rho kinase (ROCK) signaling 
pathway functions as a commitment switch for osteogenic and adipogenic differentiation of mesenchymal stem 
cells (MSCs) (22). Activation of RhoA-ROCK signaling in cultured MSCs in vitro induces their osteogenesis 
but inhibits the potential of adipogenesis, while the application of Y-27632, a specific inhibitor of ROCK, 
reversed the process (22-24). RhoA-ROCK inhibitor Y-27632 was found to induce adipogenic differentiation of 
myofiber-derived muscle cells in vitro, and resulted in fatty infiltration in skeletal muscle (25). Meanwhile, 
RhoA was shown to be activated by Wnt5a in inducing osteogenic differentiation and repressing adipogenic 
differentiation of human Adipose Stem Cells (ASCs) (26). Furthermore, the role of RhoA signaling in 
inflammatory reactions has been demonstrated, for example, TNF-α induces activation of RhoA signaling in 
smooth muscle cells (27), and RhoA was found to regulate Cox-2 activity in fibroblasts (28). In addition, an 
important role of RhoA in myogenic differentiation has also been demonstrated where the sustained activation 
of the RhoA pathway can block muscle differentiation by inhibiting myoblast fusion (29-31). 
 
Trichrome staining of cardiac muscles from WT, mdx and dKO mice (8-weeks old) was conducted to 
characterize extracellular matrix (ECM) collagen deposition in the muscles. Our findings showed that fibrosis 

formation was generally very 
severe in dKO mice, mild in 
mdx mice, and absent in WT 
mice (Figure 6A). Alizarin 
Red staining of the cardiac 
muscle also revealed the 
occurrence of HO in the 
cardiac muscle of dKO mice 
(Figure 6B), but not in WT 
and mdx mice (data not 
shown). Meanwhile, we did 
not observe obvious fatty 
infiltration in the cardiac 
muscle of any of the three 
mouse models (data not 
shown). Intramyocardial lipid 
accumulation was observed 
at 1 week of age in all 3 
mouse models (Figure 6C); 
however, intramyocardial 
lipid accumulation in fetal 
WT mice is known to be 
common, because unlike the 
adult hearts, the fetal heart 
uses glucose and not fatty 
acids as sources of energy 
(32, 33). Intramyocardial 
lipid accumulation was found 

to decrease rapidly in WT mice from one week after birth, and became nearly non-detectable by 4 weeks of age 
(Figure 6C); however, both the mdx and dKO mouse models still exhibited extensive amounts of 
intramyocardial lipid (Figure 6C, D), which was far more pronounced in the DKO mice than the mdx mice 

Figure 6 
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(Figure 6C, D). Compared to WT and mdx mice, the expression of RhoA and inflammatory signaling genes 
(TNF-α and IL-6) was found to be more up-regulated in the cardiac muscle of dKO mice, while the expression 
of Klotho gene was down-regulated (Figure 6E). We suggest that the activation of RhoA and inflammatory 
signaling may account for the higher levels of HO, intramyocardial lipid accumulation and fibrosis observed in 
the DKO cardiac muscles.  
 
 

In vivo RhoA inactivation in DKO mice reduces intramyocellular lipid accumulation fibrosis, and HO in 

cardiac muscle. (Appendix 2) 
We hypothesized that RhoA inactivation could reduce HO, intramyocellular lipid accumulation and fibrosis in 
the cardiac muscles of DKO mice. To verify this hypothesis, Y-27632 was injected intraperitoneally (IP) to 

achieve systematic inhibition of RhoA signaling in DKO mice (4-week old). After 3 weeks of continuous IP 
injection, the skeletal muscle phenotype of the DKO mice was found to be similarly improved as when we 
performed local injection of Y-27632 into skeletal muscle (data not shown). As anticipated the intramyocellular 
lipid accumulation, fibrosis and HO in cardiac muscle was also reduced (Figure 7A-E). Semi-quantitative PCR 
studies on the cardiac muscle tissues further revealed that, the expression of RhoA and inflammatory factors 
was down-regulated with Y-27632 administration and the expression of Klotho and PPARγ was up-regulated 
(Figure 7F).  
 

 
 
 
 

Figure 7
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3) The identification of human muscle progenitor cells for dystrophic heart repair and regeneration. 

Human myo-endothelial cells repair injured cardiac tissue effectively 

The potential of human myo-endothelial cells (MECs, CD34+/144+/56+/45-) to repair the injured heart was 
demonstrated in our recent study. When transplanted intramyocardially into acutely infarcted immunodeficient 
hearts of young adult mice, MECs more effectively restored cardiac function, reduced scar tissue formation, and 
stimulated angiogenesis than purified conventional myoblasts and endothelial cells (34). This is presumably 
attributed to, at least in part, the augmented angiogenesis, resulted from more vascular endothelial growth factor 
(VEGF), a potent angiogenic factor, secreted by MECs under hypoxia. Similar to murine MDSCs, MECs 
regenerated significantly more fast-skeletal MHC-positive myofibers in the ischemic heart. A small fraction of 
engrafted MECs expressed cardiomyocyte markers, cardiac troponin-T and –I, indicating the likely cardiac 
differentiation and/or cell fusion in the injured heart. MECs also promoted proliferation and prevented apoptosis 
of endogenous cardiomyocytes. These results suggest that human MECs are an ideal donor cell population for 
cardiac repair. 

 

Human pericytes restored the function of the injured heart through paracrine effect and cellular 

interaction 

Human microvascular pericytes (CD146+/34-/45-/56-), with their inherent vascular functions and recently 
documented multipotency, matched the 
scope of ideal cells for cardiac repair. 
(35). Transplantation of cultured human 
muscle pericytes into acutely infarcted 
hearts of immunodeficient mice 
significantly improved cardiac 
contractility and reduced heart dilatation, 
superior to CD56+ myogenic progenitor 
transplantation (Figure 8). Pericytes 
exhibited cardio-protective effects such 
as promotion of angiogenesis, decrease 
of chronic inflammation, and reduction 
of scar formation (36) (Appendix 3). 
Under hypoxia, pericytes suppressed 
murine fibroblast proliferation and 
macrophage proliferation in vitro through 
a paracrine mechanism. Pericytes 
demonstrated expression of a number of 
immunoregulatory molecules, including 
IL-6, LIF, COX-2 and HMOX-1, even 
under hypoxia. Pericytes not only 

supported microvascular structure formation in three-dimensional co-cultures but also significantly enhanced 
host angiogenesis in vivo. Under hypoxia, pericytes dramatically increased expression of VEGF-A, PDGF-β, 
TGF-β1.  

Figure 8 
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Figure 9 

 

In conclusion, intramyocardial transplantation of purified human muscle pericytes promotes functional and 
structural recovery, attributable to multiple mechanisms involving paracrine effects and cellular interactions.  

 

Currently, to examine whether donor pericyte-derived VEGF is the primary molecular mediator required for the 
promotion of host angiogenesis, we used anti-human VEGF165 
shRNA to block VEGF secretion from donor pericytes. The 
angiogenic effect of transduced pericytes with VEGF blockage 
as well as their overall therapeutic benefits post-transplantation 
will be assessed. Human muscle pericytes were successfully 
transduced by lentiviral anti-VEGF-shRNA-eGFP vector. The 
transduction rate was roughly 70-80%. We observed no 
significant change to cell growth and phenotypes after 
transduction. To further purify transduced pericytes, we plan to 
use FACS to sort GFP-positive pericytes to homogeny. In vitro 
hypoxia assay showed that although anti-VEGF-shRNA 

transduction only reduced VEGF secretion from pericytes by 22.3% under normoxia, it effectively inhibited 
their VEGF secretion by 65.2% under hypoxia, as revealed by ELISA (Figure 9). To examine whether their 
vessel-forming capacity is affected by VEGF blockage, the Matrigel culture assay using pericytes has been 
performed and the data is currently being 
analyzed. 

Pre-plated human muscle cells display a 

differential cardiac repair capacity 

(Appendix 4) 

Very recently, we applied the modified pre-
plate technique to separate freshly 
dissociated human muscle cells into rapid- 
and slowly-adhering cell populations, 
equivalent to the murine early and late pre-
plating cells. The slowly-adhering cells 
(SACs) displayed not only a greater 
myogenic potential but also better cell 
survival under oxidative and inflammatory 

stresses in vitro than rapidly-adhering cells (RACs), 
similar to murine MDSCs (Okada, Payne et al., 
Mol. Ther. 2012) (Appendix 4) . We have 
investigated the therapeutic potential of human 
muscle pre-plating cells for the treatment of 
myocardial injury. The intramyocardial injection of 
SACs into the acutely infracted immunodeficient 
murine heart improved cardiac contractility more 
effectively than the injection of RACs (Figure 10; 
(37)) (Appendix 4). The functional recovery likely 
resulted from the decreased myocardial fibrosis 
(Figure 11), higher cell proliferation, reduction of 

Figure 11 

 

 

Figure 10
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cardiomyocyte apoptosis and increased revascularization (Figure 12) in SAC-injected hearts, similar to the 
therapeutic capacity of murine MDSCs. 

 

Technical Issues  

As described elsewhere in this report, during the investigation, we identified that our young adult mdx/scid mice 
do not exhibit prominent loss of cardiac function and dystrophic phenotypes in the cardiac tissue. Consequently 
we aged these animals to nearly 2 years old in order to obtain dystrophic symptoms in the heart similar to the 
DMD patients. Nevertheless, the aging process significantly weakened the ability of the mdx/scid mice to 
withstand the invasive and traumatic open-chest surgery and intramyocardial injection of human cells. 
Therefore, in addition to the usage of the new dKO heterozygous mouse model, we herein propose to switch the 
injection route of human cells from intramyocardial to intra-peritoneal (IP) in order to circumvent the invasive 
surgery. We will label human cells with GFP reporter gene and track the migration of transplanted cells to the 
diseased cardiac tissue. 
 

Future Direction 
 
1) We are proposing to further investigate the dKO animal model as a suitable model for 

cardiomyopathy. We are also proposing to further investigate the role of RhoA in the cardiomyopathy 
observed in the dKO model as well as the use of parabiosis and transplantation of human muscle derived cells 
to improve cardiac function in the dKO model. Specifically we propose the following set of experiments: 
2) To investigate the effect of cell survival, proliferation, and differentiation on the 

regeneration/repair capacity of various human MDSC populations (preplate cells, myo-endothelial cells 

and pericytes) implanted into the heart of dKO mice.  
3) To investigate the role that angiogenesis plays in the 

regeneration/repair capacity of human MDSCs injected into 

the hearts of dKO mice. 
4) Potential benefit of parabiosis for cardiac repair in 

dKO mice: Based on the positive effect of RhoA inactivation in 
cardiac muscle of dKO mice, we are proposing to conduct 
parabiotic pairings of dKO mice with normal mice which could 
help repress the activation of RhoA signaling in the cardiac 
muscles of dKO mice, and therefore improve their defective 
muscle phenotype.  

Figure 13 shows a schematic of the proposed experiments that 
we plan to perform during the next period of funding. We will verify the development of cross-circulation 
between the animals, via the intravascular injection of Evan’s Blue. After injection into one animal of the pair, 

Figure 12 

 

Figure 13
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the Evan’s Blue dye should flush the same animal (a) and progressively spread through the common vascular 
tree at the junction to its partner (b). We also propose to investigate if MPCs can travel from mouse (a) to the 

parabiotic partner (b) when GFP labeled cells are intravenously into mouse (a). 

 

KEY RESEARCH ACCOMPLISHMENTS: 

 Identified and characterized a superior model of dystrophic related cardiomyopathy (the dKO 

mouse). 

 Identified the relationship between the activation of RhoA and inflammatory signaling which 

appears to account for the higher levels of heterotopic ossification (HO), intramyocardial lipid 

accumulation and fibrosis observed in the dKO cardiac muscles.  

 Demonstrated that in vivo RhoA inactivation with Y-27632 in dKO mice reduces intramyocellular 

lipid accumulation fibrosis, and HO in cardiac muscle.  
 Demonstrated that purified human pericytes could restore the function of the injured heart 

through paracrine effects and cellular interaction 
 Demonstrated that the intramyocardial injection of preplate isolated SACs into the acutely 

infracted immunodeficient murine heart improved cardiac contractility more effectively than the 

injection of RACs 

 

REPORTABLE OUTCOMES:  

1. RhoA signaling regulates heterotopic ossification and fatty infiltration in dystrophic skeletal 

muscle. Xiaodong Mu, Arvydas Usas, Ying Tang, Aiping Lu, Jihee Sohn, Bing Wang, Kurt Weiss, and 
Johnny Huard. Orthopaedic Research Society; 2013 ORS Annual Meeting; January 26-29, 2013; San 
Antonio, TX. (Appendix 1) 

2. RhoA inactivation represses BMP-induced heterotopic ossification (HO) in skeletal muscle and 

potential for HO treatment. Xiaodong Mu, Kurt Weiss, and Johnny Huard. Orthopaedic Research 
Society; 2013 ORS Annual Meeting; January 26-29, 2013; San Antonio, TX. (Appendix 2) 

3. Human Pericytes for Ischemic Heart Repair. Chien-Wen Chen, Masaho Okada, Jonathan D. Proto, 
Xueqin Gao, Naosumi Sekiya, Sarah A. Beckman, Mirko Corselli,  Mihaela Crisan, Arman Saparov, 
Kimimasa Tobita, Bruno Péault, Johnny Huard. Stem Cells, In Press. (Appendix 3) 

4. Human skeletal muscle cells with a slow adhesion rate after isolation and enhanced stress 

resistance improve functions if ischemic heart. Okada M, Payne T, Drowley L, Jankowski R, Momoi 
N, Beckman S, Chen C, Keller B, Tobita K, Huard J. Mol Ther 2012 Jan; 20(1):138-45. PMID: 
22068427 (Appendix 4) 

 
CONCLUSIONS: 

 

Our current results demonstrated that we could isolate and deliver both purified human pericytes and 
human preplate isolated slowly adhering cells (SACs) to the ischemic hearts of mice. The deliveries of 
these cells were shown to have a significantly positive effect on heart function.  We also identified and 
characterized a superior model of dystrophic cardiomyopathy in the dKO mouse, which will be 
exploited in over the next year via experiments where we will perform IP injections to compare the 
efficiency of the cells to impart a positive paracrine effect on the functionality of the hearts of these 
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mice. We also demonstrated that the RhoA pathway plays a critical role in the formation of HO, 
intramyocardial lipid accumulation and fibrosis observed in the dKO cardiac muscles. We were also 
able to demonstrate that blocking RhoA with Y-27632 could reduce intramyocellular lipid accumulation 
fibrosis, and HO in the cardiac muscle of dKO mice. 
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Sub-project 2: Human hepatocytes for treatment of life-threatening liver injury 

PI’s: Ira Fox, MD and David Perlmutter, MD 

 

INTRODUCTION: 

These studies are focused on expanding human hepatocytes from control, marginal quality and cirrhotic livers 
for the treatment of life-threatening acute liver failure. Two technical objectives were proposed: 1) to 
characterize and expand hepatocytes from patients with cirrhosis and end-stage liver disease in immune 
deficient hosts whose livers permit extensive repopulation with donor cells, and 2) to determine the extent to 
which transplantation with human hepatocytes can reverse hepatic failure in a clinically relevant non-human 
primate model of this process. In order to accomplish these objectives, we have expanded human hepatocytes in 
FRG mice and have isolated the human hepatocytes for use in a non-human primate model of acute liver failure. 
We have also performed additional studies on hepatocytes isolated from the livers of rats with end-stage 
cirrhosis, identified a target molecule that controls liver-specific gene expression in these cells and 
demonstrated that re-expression of this gene, HNF4 , results in normalization of hepatocyte function in vitro 
and in vivo. We have also induced acute liver failure in two monkeys and transplanted one of these animals 
with human hepatocytes. While we were unsuccessful in correcting liver failure in this animal, we have made 
progress in optimizing the protocol for inducing acute liver failure, and we have demonstrated that we can 
recover an adequate number of human hepatocytes from repopulated FRG mice for transplantation in a primate 
model. 

 

Body: 

Technical Objective #1: To characterize and expand hepatocytes from patients with cirrhosis and end-stage 
liver disease in immune deficient hosts whose livers permit extensive repopulation with donor cells. 

Hypothesis: Human hepatocytes derived from poor quality human cadaver donors can be resuscitated and 

expand in numbers that can be used for clinical application in the livers of immune deficient hosts where there 

is a selective repopulation advantage to transplanted donor hepatocytes.  

 
Recently, we have almost exclusively performed transplants on children with liver-based metabolic disorders 
rather than on children with cirrhosis. As transplantation from the waiting list is based solely on donor 
availability and MELD score, this situation sometimes occurs. As a result, we have followed two approaches to 
advancing Technical Objective #1. 
1.1.   Expanding human hepatocytes in FRG mice.  

We have performed primary transplants using human hepatocytes from non-cirrhotic donors as a source of cells 
for Technical Objective #2 in 3 FRG mice. Human hepatocytes from the explanted liver of two patients with 
ornithine transcarbamylase (OTC) deficiency were transplanted into 3 immune-deficient mice with hereditary 
tyrosinemia (FAH-/-; FRG). The level of human serum albumin (HSA) in the peripheral blood of all three 
animals was greater than 1.5mg/ml, indicating at least 20% of the liver was replaced with human hepatocytes. 
One recipient animal was sacrificed, and approximately 50% engraftment was confirmed by 
immunohistochemistry. We then isolated hepatocytes from the remaining repopulated FRG mice and secondary 
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transplants were performed with the recovered cells in 5 naïve FRG mice. The HSA levels in the transplanted 
mice were detectable 4 weeks after transplant, with a mean HSA level of 6.87 ± 0.91 ug/ml. This level of re-
population, at this time point, is as expected based on the literature. In addition, we transplanted 6 immune 
deficient mice with alpha-1-antitrypsin deficiency (PiZ-NSG) using human hepatocytes derived from a liver 
resection specimen from a patient with metastatic colon cancer.  The HSA levels in the transplanted mice were 
detectable 6 weeks after transplant (6.84 ± 1.9 ug/ml). These experiments are ongoing. We intend to transplant 
and repopulate additional immune deficient mice to generate cells for the non-human primate acute liver failure 
studies outlined in Technical Objective #2. 

 

1.2.  Normalization of end-stage decompensated hepatocyte function in vitro and in vivo by re-

expression of HNF4 . 
In a continuation of studies to determine the extent to which hepatocytes derived from livers with severe 
chronic injury could be resuscitated for use in clinical hepatocyte transplantation, we isolated hepatocytes from 
the livers of Lewis rats with compensated and end-stage decompensated cirrhosis. To assess the extent to which 
hepatocyte-specific characteristics are affected by cirrhosis and liver failure, mRNA from isolated hepatocytes 
derived from cirrhotic and control livers were compared for gene expression by microarray analysis. As noted 
previously, hierarchical cluster analysis demonstrated significant gene expression differences among groups 
depending on the extent of cirrhosis from which the hepatocytes were derived. As expected, there were 
progressive changes in the expression of genes representing signals promoting proliferation and regeneration, 
apoptosis, and cell-death, most likely mediated by inflammation and oxidative stress, and progressive loss of 
gene expression representing worsening of metabolic function. This work has now been published (Liu, et al. 

The microenvironment in hepatocyte regeneration and function in rats with advanced cirrhosis. 

Hepatology 2012; 55(5): 1529-39). Microarrays also showed marked decreases in the expression of HNF4α, 
Foxa2, C/EBPα, and HNF1α, DNA binding proteins that are part of the network of hepatocyte-enriched 
transcription factors, sequentially established during development, that regulate the mature hepatocyte 
phenotype, controlling expression of proteins of coagulation, biliary metabolism, and lipid metabolism. 
 

Since transcription factor deficiency could explain hepatocyte impairment, we investigated the therapeutic 
effects of forced re-expression. HNF4α was chosen for this therapy because it is the central regulator of the 
adult hepatocyte transcription factor network, has no other hepatocyte-expressed homolog, and showed the 
greatest reduction in the decompensated hepatocyte. We therefore performed a detailed analysis of the 
expression of HNF4α and its target genes in isolated hepatocytes and liver tissue. qRT-PCR analysis confirmed 
severe downregulation of HNF4α expression, and quantification of HNF4α in hepatocytes by western blot and 
by immunofluorescent staining of cytospin samples gave similar results. Thus, a significant decrease of HNF-4α 
in hepatocytes correlated with decompensation in cirrhosis.  

 

To assess whether forced re-expression of HNF4α could affect the function of cirrhotic hepatocytes, we first 
used an in vitro culture system. Hepatocytes, isolated from animals with cirrhosis and decompensated liver 
function, were transduced with adeno-associated virus (AAV) vectors to express HNF4α and GFP or GFP 
alone. At 48 hours, qRT-PCR analysis showed HNF4α re-expression restored to nearly normal levels the 
network transcription factors C/EBPα, HNF1α, and PPARα, and the phenotypic target genes important for liver-
specific activity. HNF4α expression also improved secretion of albumin into the culture supernatant—severely 
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impaired in hepatocytes isolated from decompensated cirrhosis —and activity of Cytochrome P450 3A4, a 
major enzyme of xenobiotic metabolism. Animals with liver failure and cirrhosis were then transduced to re-
express HNF4  in their hepatocytes by intravenous infusion of 3x1011 AAV-HNF4α-GFP genomes. Animals 
sacrificed two weeks after infusion demonstrated high transduction efficiency uniformly distributed in most 
hepatocytes. Moreover, the impaired albumin expression of decompensated cirrhosis was dramatically 
improved and its expression increased until the time of sacrifice at 100 days following AAV treatment. 
Administration of the AAV-GFP control vector did not affect liver function. Finally, pathophysiologic testing 

showed striking and persistent improvement in liver function, ascites, activity, and neurologic function, and 
survival was prolonged to the end-point of the study at 100 days post AAV treatment. Functional analysis of 
cells isolated from treated animals showed significant improvement of albumin secretion and CYP3A4 activity.  
In addition, there was improvement in expression levels of HNF4α target genes and decreased expression of the 
hepatic progenitor cell markers AFP, CD44, and EpCAM.  The healing effects of HNF4α re-expression did not 
depend on proliferation, since there was no increase apparent in Ki67 staining. HNF4α did not significantly 
augment TERT expression and telomere length in the cirrhotic hepatocytes remained critically short. Thus, 
HNF4α acted by phenotypically correcting diseased hepatoctyes, not by stimulating their replacement. 

 

These studies show that down-regulation of HNF4α has a profound effect on the end-stage cirrhotic hepatocyte 
in vitro, since replenishment of this single factor immediately revitalizes function. Moreover, transduction of 
hepatocytes in cirrhotic animals with apparently irreversible decompensated function produced a profound and 
immediate improvement in hepatic function. Normalization of function took place in two weeks. It is likely that 
cytokine/injury effects alter expression of the hepatocyte transcription factor network by extrinsic mechanisms, 
with the result that network factors establish a new steady-state equilibrium in the dysfunctional hepatocyte that 
can no longer compensate to restore normal gene expression. This possibility has important therapeutic 
implications, because it may require only transient therapy with HNF4α to restore the transcription factor 
network once the injury has been moderated. These studies suggest that in addition to regeneration mediated by 
expansion of mature hepatocytes or differentiation and expansion of induced progenitors, normalized function 
can be accomplished by transcriptional reprograming with reversal of de-differentiation but not senescence. The 
results also suggest HNF4α therapy could be effective in treating advanced liver cirrhosis with impaired hepatic 
function as a bridge to organ transplantation or possibly even as destination therapy. We will examine whether 
this therapy is effective in human hepatocytes from end-stage cirrhotic livers. If so, they may also be useful as a 
source of hepatocytes for cell therapy. 

 

Technical Objective #2: To determine the extent to which transplantation with human hepatocytes can reverse 
hepatic failure in a clinically relevant non-human primate model of this process. 

Hypothesis: Human hepatocytes derived from human cadaver donors or possibly from human stem cells can 

reverse hepatic failure. 

 

2.1.  Acute hepatic failure in a non-human primate model. 
We have treated two additional non-human primates (NHP) with whole liver radiation therapy followed by total 
parenteral nutrition (TPN) in preparation for transplantation studies. The work has now been incorporated in a 
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manuscript that has been submitted for publication (Yannam GR, et al. Tolerable limits to whole liver 

irradiation in non-human primates. Hepatology. Submitted).  
 

Unfortunately, there has been a small setback in the ability to complete the transplant studies. The first NHP 
was irradiated with a dose of 40Gy to the whole liver. For logistical reasons, we delayed instituting TPN to 
induce acute liver failure. This has not been an issue in the past. In this case, however, it resulted in generating 
unanticipated non-lethal radiation induced liver disease (RILD) in the animal, which altered the architecture and 
vascular structure of the liver. We isolated human hepatocytes from several repopulated FRG mice to transplant 
into this animal, as outlined in the grant proposal. Because of the altered vascular structure we visualized severe 
shunting during the course of the hepatocyte transplant procedure by contrast imaging. Thus, no cells could be 
engrafted. The animal was electively euthanized and the liver histology confirmed the RILD and failure to 
engraft cells because of the altered vascular architecture. A dose of 35Gy to the whole liver was used on a 
second NHP. This dose was successful and the second animal was electively euthanized when we had 
determined that the RT dose was effective at ultimately inducing acute liver failure but did not lead to RILD. 
Now that the issue has been resolved, we should be able to proceed with transplant studies for the treatment of 
acute liver failure. 

 

KEY RESEARCH ACCOMPLISHMENTS: 

1. Engraftment and proliferation of human hepatocytes in immune-deficient FAH k/o transgenic (FRG) 
mice.  

2. Identification of a key transcription regulator of hepatocyte function in end-stage decompensated 
hepatocytes from cirrhotic livers. 

3. Demonstration that re-expression of HNF4  in decompensated cirrhotic hepatocytes leads to 
normalization of function in vitro and in vivo. 

4. Optimization of the non-human primate model of acute liver failure. 

5. Isolation of an adequate supply of human hepatocytes from repopulated FRG mice for transplantation in 
NHP with acute liver failure. 

 

REPORTABLE OUTCOMES: 

 

1. Liu,L, Yannam GR, Nishikawa T, Yamamoto T, Basma H, Ito R, Nagaya M, Dutta-Moscato J,  Stolz  
 DB, Duan F, Kaestner KH,Vodovotz Y, Soto-Gutierrez A, Fox IJ.The microenvironment in   
 hepatocyte regeneration and function in rats with advanced cirrhosis. Hepatology 2012;55(5):1529- 
 39. 
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2. Zhou H, Dong X, Kabarriti R, Chen Y, Avsar Y, Wang X, Ding J, Liu L, Fox IJ, Roy-Chowdhury J,  
 Roy-Chowdhury N, Guha C.  Single liver lobe repopulation with wildtype hepatocytes using regional  
 hepatic irradiation cures jaundice in Gunn rats.  PLoS One 2012;7(10):e46775. 

 3. Nishikawa T, Bell A, Brooks JM, Setoyama K, Kaestner KH, Vodovotz Y, Locker J, Soto-Gutierrez  
 A, Fox IJ.  Resetting the transcription network using a single factor reverses liver failure in end-stage  
 cirrhosis.  Science (submitted). 

 4. Yannam R, Han B, Setoyama K, Yamamoto T, Ito R, Brooks JM, Guzman-Lepe J, Galambos C,   
 Fong JV, Deutsch M, Quader MA, Yamanouchi K, Mehta K, Soto-Gutierrez A, Roy-Chowdhury J,  
 Locker J, Abe M, Enke CA, Baranowska-Kortylewicz J, Solberg TB, Guha C, Fox IJ.  Tolerable   
 limits to whole liver irradiation in non-human primates.  (submitted). 

5. Setoyama K, Fong JV, Han B, Ito R, Nagaya M, Ross M, Fukumitsu K, Gramignoli R, Rosensteel S,  
 Strom SC, Stolz DB, Quader MA,Deutsch M, Baskin KM, Roy-Chowdhury J, Guha C, Soto-  
 Gutierrez A, Fox IJ.  10-15% donor cell liver repopulation in non-human primates by low dose   
 directed (right lobe) radiation therapy:  a preclinical study.  Hepatology  2011;54(S1):172A.  

6. Yannam GR, Han B, Setoyama K, Yamamoto T, Ito R, Brooks JM, Guzman-Lepe J, Galambos C,  
 Fong JV,  Deutsch M, Quader MA, Yamanouchi K, Mehta K, Soto-Gutierrez A, Roy-Chowdhury J,  
 Locker J, Abe M,  Enke CA, Baranowska-Kortylewicz J, Solberg TD, Guha C, Fox IJ.  Tolerable  
 limits to whole liver irradiation in non-human primates. Hepatology 2012;56(S1):972A-973A. 

7. NishikawaT, Bellance N, Damm A, Soto-Gutierrez A, Fox IJ, Nagrath D.  Changes in Glycolysis are  
 an Important Mechanism for Maintaining Cell Survival in Hepatic Failure in Advanced Cirrhosis.  
 Hepatology 2012;56(S1):785A-786A. 

8. Taichiro Nishikawa; Jenna M. Brooks; Yoram Vodovotz; Alejandro Soto-Gutierrez; Aaron W. Bell;  
 Ira J. Fox 1284. Rescue of hepatic function in rats with advanced cirrhosis and end-stage liver failure  
 following delivery of HNF4a.  Hepatology 2012;56(S1):800A-801A. 
9.            Invited Speaker, Research Seminar Series in Developmental and Regenerative Biology, University of  
 Kansas Medical Center, ―Use of hepatocytes and stem cells to study and treat liver disease‖, Kansas  
 City, Kansas, November 9-10, 2011. 

10.          Keynote Speaker, ISMRM Workshop on MRI-based cell tracking ―Hepatocyte transplantation and  
 the need to track engrafted cells‖, Miami Beach, Florida, January 29 – February 1, 2012. 

11.          Invited Speaker, American Society of Gene & Cell Therapy 15th Annual Meeting, ―Overcoming  
  barriers to successful cell therapy to treat liver disease‖, Philadelphia, PA  May 16-19, 2012 

12.          Moderator, Mid-day Symposium:  ―Allotransplants, Cellular Transplants, Organ Repair, and   
 Xenotransplants?  A Debate about the Future of Organ Transplantation‖, American Transplant   
 Congress, Boston, MA, June 2-6, 2012. 

13. Invited Speaker, Liver Biology:  Fundamental Mechanisms & Translational Application, FASEB    
 Summer Research Conference, ―Hepatocyte, stem cell transplantation, tissue engineering‖,   
 Snowmass Village, Colorado, July 29 – August 3, 2012. 
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14. Invited Speaker, 8th Royan International Congress on Stem Cell Biology and Technology,   
 ―Overcoming barriers to the use of hepatocytes and stem cells in treating patients with liver diseases‖  
 and ―Use of hepatocytes and stem cells in understanding and treating liver failure and cirrhosis‖,   
 Tehran, Iran, September 5-7, 2012. 

15. Invited Speaker, Masters of Surgery lecture series, Montefiore Medical Center, The University   
 Hospital for Albert Einstein College of Medicine, ―Bench to bedside:  finding alternatives to organ  
 transplantation for patients with life-threatening liver disease‖, New York, NY, November 4-5, 2012. 

16. Faculty Member, American Association for the Study of Liver Diseases 2012 Postgraduate Course,  
 ―Tissue engineering and liver cell replacement – liver stem cells on the horizon‖, Boston, MA,   
 November 10, 2012. 

 

CONCLUSIONS: 

The outcomes of our studies are being accomplished. 

 

 

 

 

 



RhoA signaling regulates heterotopic ossification and fatty infiltration in dystrophic skeletal muscle 
 

Xiaodong Mu, Arvydas Usas, Ying Tang, Aiping Lu, Jihee Sohn, Bing Wang, Kurt Weiss, and Johnny Huard 
Stem Cell Research Center, Department of Orthopaedic Surgery, University of Pittsburgh 

 
Introduction: Frequent heterotopic ossification (HO) or fatty infiltration is observed in the dystrophic muscle of many animal models of 
human Duchenne muscular dystrophy (DMD); however, little is known about the correlated molecular mechanisms involved in the process. 
The RhoA-Rho kinase (ROCK) signaling pathway has been shown to function as a commitment switch of the osteogenic and adipogenic 
differentiation of mesenchymal stem cells (MSCs). Activation of RhoA-ROCK signaling in cultured MSCs in vitro induces their osteogenesis 
but inhibits the potential of adipogenesis, while the application of Y-27632, a specific inhibitor of ROCK, reversed the process. 
Inflammation has been shown to be one of main contributors to HO, while the role of RhoA signaling in inflammation reaction has been 
demonstrated. The objective of the current study is to investigate the potential role of RhoA signaling in regulating HO and fatty infiltration 
in dystrophic skeletal muscle. 
Methods: 1.Mice models: Animal experiments were approved by IACUC of University of Pittsburgh. mdx mice (dystrophin-deficient) and 
dKO (Dystrophin/Utrophin double knockout) mice are both important mouse models of DMD; however, in contrast to the mild phenotype of 
mdx mice, dKO mice display a far more severe phenotype as is observed in human DMD patients, including a much shorter life span (~ 8 
weeks compared to 2 years), more necrosis and fibrosis in the skeletal muscle, etc. 2. Tissue histological analysis: The gastrocnemius 
muscles (GM) of the mice were used for histological analysis. Alizarin red stain shows calcium deposition caused by HO or during 
osteogenic differentiation, Oil Red O stain shows fatty infiltration in muscle or fat cells, and Trichrome stain shows fibrosis. 3. Statistics: N 
>=6 for each group in animal study. Student’s T-test was used to evaluate the significance. 
Results: 1. Skeletal muscle of dKO mice features more HO but less fatty infiltration than mdx mice (Fig. 1). Both µ-CT scan of 
animals (Fig. 1A) and Alizarn Red stain (Fig. 1B) of the muscle tissues revealed greatly enriched HO in the dystrophic muscles of the dKO 
mice. While, Oil Red O stain (Fig. 1C) and Trichrome stain (Fig. 1D) of the muscle tissues revealed reduced fatty infiltration and a number 
of normal muscle fibers in the muscle of dKO mice.  
2. RhoA signaling is more activated in both skeletal muscle and muscle-derived stem cells (MDSCs) from dKO mice. Both semi-
quantitative PCR and immunohistochemistry study demonstrated that RhoA signaling is more activated in the muscles of dKO mice, as 
well as dKO MDSCs.  
3. In vitro RhoA inactivation of cultured MDSCs from dKO mice decreases the osteogenesis potential and increases 
adipogenesis and myogenesis potential (Fig. 2). Semi-quantitative PCR study showed that Y27632 treatment (10 µM) of dKO-MDSCs 
down-regulated the expression of RhoA, BMP2 and 4, and inflammatory factors such as TNF-α and IL-6 (Fig. 2A). Osteogenesis potential 
was repressed while the adipogenesis and myogenesis potential of the dKO-MDSCs were increased by Y27632 (Fig. 2B).  
4. RhoA inactivation in the skeletal muscle of dKO mice decreased HO and increased both fatty infiltration and muscle 
regeneration. GM muscles of 6 dKO mice were injected with Y27632 (5mM in 20µL of DMSO) (left limb) or control (20µL of DMSO) 
DMSO (right limb). Injections were conducted 3 times a week for 3 weeks.  The skeletal muscles that received Y27632 injection 
demonstrated much slower development of HO and improved muscle regeneration, as well as reduced fibrosis formation.  
Discussion: Our current results revealed that DMD mouse models featuring different severity of muscular dystrophy may have varied 
potentials for developing HO or fatty infiltration in the dystrophic muscle, and RhoA signaling might be a critical mediator of the determining 
these differential fates, including the progression towards HO, fatty infiltration, or normal muscle regeneration. RhoA inactivation is shown 
to have a great potential to repress HO and improve the phenotypes of dystrophic muscle. The status of RhoA activation in the skeletal 
muscle of human DMD patients and the potential effect of RhoA inactivation in human dystrophic muscle requires further investigation.  
Significance: Our data reveals the involvement of RhoA signaling in regulating the process of heterotopic ossification, and indicates that 
RhoA may serve as a potential target for repressing injury-induced and congenital heterotopic ossification in humans. 
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RhoA inactivation represses BMP-induced heterotopic ossification (HO) in skeletal muscle and potential for HO 
treatment 

Xiaodong Mu, Kurt Weiss, and Johnny Huard 
Stem Cell Research Center, Department of Orthopaedic Surgery, University of Pittsburgh 

 
Introduction: HO is a process where bone tissue forms in soft tissues which can be caused by trauma, neurologic injury and 
genetic abnormalities; however, little is known about the molecular regulatory mechanisms that cause HO. The RhoA-Rho kinase 
(ROCK) signaling pathway has been shown to function as a commitment switch of the osteogenesis and adipogenesis 
differentiation of mesenchymal stem cells (MSCs), and is involved in regulating myogenesis differentiation of muscle cells. 
Activation of RhoA-ROCK signaling in cultured MSCs in vitro induces their osteogenic differentiation but inhibits their potential for 
adipogenic differentiation, while the application of Y-27632, a specific inhibitor of ROCK, can reverse the process. An important 
role of RhoA in myogenic differentiation has also been demonstrated and the activation of the RhoA pathway can block muscle 
differentiation by inhibiting myoblast fusion. Inflammation has been shown to be one of main contributors to HO, while the role of 
RhoA signaling in inflammation has also been demonstrated. The objective of the current study was to discern whether the 
inactivation of RhoA signaling can improve muscle regeneration by repressing BMP-induced HO in injured skeletal muscle. 
Methods: 1. Induction of HO and RhoA inactivation: The gastrocnemius muscles (GM) of C57BL/6J mice were injected with 
cardiotoxin. Two days later the muscles were co-injected with BMP2 and Y27632 (RhoA inhibitor) (left limb) or with BMP2 only. 
Four days later, the muscle tissues were harvested for histological analysis. 2. Tissue histological analysis and in vitro 
differentiation assay. Alizarin red stain was conducted to stain calcium deposition caused by HO, and immunostaining of 
dystrophin was conducted to show myofibers. Alkaline phosphatase (ALP) and Alizarin red stain was used for in vitro 
osteogenesis assay in osteogenic medium, and the progression of myotube formation in the myogenic medium was tracked by 
counting the number of myotubes. 3. Statistics: N >=6 for each group of animal study. Student’s T-test was used to evaluate the 
significance. 
Results: 1. In vitro inactivation of RhoA decreases osteogenic potential and increases the myogenic potential of 
muscle-derived stem cells (MDSCs) (Fig. 1). In vitro osteogenesis and myogenesis assays showed that, Y27632 treatment (10 
µM) of MDSCs isolated from skeletal muscle greatly repressed their osteogenic differentiation (Fig. 1A, B) in osteogenic 
medium, but promoted their myogenic differentiation in myogenic medium (Fig. 1C).   
2. In vivo inactivation of RhoA in the skeletal muscle of mice decreased BMP-induced HO and improved muscle 
regeneration (Fig. 2). The GM muscles of 6 C57BL/6J mice were injured by cardiotoxin 2 days before being injected with BMP2 
+Y27632 (left limb) or BMP2 only (right limb). 4 days after Y27632 administration, skeletal muscles that received Y27632 
injection demonstrated a much slower development of HO (Fig. 2A), and improved muscle regeneration (Fig. 2B).  
Discussion: Our current results revealed that the RhoA signaling pathway may mediate BMP-induced HO in skeletal muscle.  
RhoA activity appears to be elevated by BMPs and mediates BMP-induced osteogenesis, and RhoA inactivation could therefore 
repress BMP-induced HO in injured skeletal muscle. RhoA activity was shown to be positive for osteogenesis of muscle stem 
cells and negative for myogenesis, therefore, inactivation of RhoA could serve to repress HO formation while promoting myofiber 
development in the injured muscle. The detailed mechanisms of RhoA signaling in regulating HO require further investigation. 
Significance: Our data revealed that RhoA signaling is involved in regulating the process of heterotopic ossification and 
indicated that RhoA may serve as a potential target for repressing injury-induced and congenital heterotopic ossification in 
humans. 
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Abstract 

 

Human microvascular pericytes (CD146+/34-/45-/56-) contain multipotent precursors and 

repair/regenerate defective tissues, notably skeletal muscle. However, their ability to repair 

the ischemic heart remains unknown. We investigated the therapeutic potential of human 

pericytes, purified from skeletal muscle, for treating ischemic heart disease and mediating 

associated repair mechanisms in mice. Echocardiography revealed that pericyte 

transplantation attenuated left ventricular dilatation and significantly improved cardiac 

contractility, superior to CD56+ myogenic progenitor transplantation, in acutely infarcted 

mouse hearts. Pericyte treatment substantially reduced myocardial fibrosis and significantly 

diminished infiltration of host inflammatory cells at the infarct site. Hypoxic 

pericyte-conditioned medium suppressed murine fibroblast proliferation and inhibited 

macrophage proliferation in vitro. High expression by pericytes of immunoregulatory 

molecules, including IL-6, LIF, COX-2 and HMOX-1, was sustained under hypoxia, except for 

MCP-1. Host angiogenesis was significantly increased. Pericytes supported microvascular 

structures in vivo and formed capillary-like networks with/without endothelial cells in 

three-dimensional co-cultures. Under hypoxia, pericytes dramatically increased expression of 

VEGF-A, PDGF-β, TGF-β1 and corresponding receptors while expression of bFGF, HGF, 

EGF, and Ang-1 was repressed. The capacity of pericytes to differentiate into and/or fuse with 

cardiac cells was revealed by GFP-labeling, though to a minor extent. In conclusion, 

intramyocardial transplantation of purified human pericytes promotes functional and structural 

recovery, attributable to multiple mechanisms involving paracrine effects and cellular 

interactions. 

 

 

Keyword: pericytes, angiogenesis, immunomodulation, myocardial infarction, stem cell 

therapy 
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Introduction 

Coronary heart disease (CHD) is the leading cause of death in the United States, 

affecting 16.3 million people and accounting for 1 of every 3 deaths in 2007.1 Prolonged 

pathological interference with the coronary blood supply, such as atherosclerosis and 

thromboemboli, results in ischemic cardiomyopathy and/or myocardial infarction (MI).2 MI 

often leads to heart failure (HF) due to the limited capacity of the human heart to 

repair/regenerate its damaged myocardium.2,3 As an alternative to heart transplantation, 

stem/progenitor cell therapy (SCT) is deemed promising for restoration of cardiac function 

and prevention of progressive HF.3,4 In particular, human bone marrow precursor cells, 

endothelial progenitor cells, skeletal myoblasts, and endogenous cardiac progenitor cells, 

have been intensively investigated with uneven success in pre-clinical and clinical trials.3-6 

Given the vascular origin of CHD pathology, stem/progenitor cells capable of reconstituting 

host vascular networks, in addition to other merits, will be ideal cell sources for SCT. 

Microvascular pericytes (aka mural cells or Rouget cells) that tightly encircle 

capillaries and microvessels (arterioles and venules) and regulate microvascular physiology 

have recently been shown to contain precursor cells endowed with mesodermal 

differentiation potential.7 Pericytes (CD146+/34-/45-/56-) purified by cell sorting from human 

skeletal muscle, adipose, placenta, pancreas and other organs repair and regenerate 

damaged/defective tissues8-12 and represent the CD146-positive developmental origin of the 

heterogeneous mesenchymal stem/stromal cells (MSCs).12-16 Owing to their wide distribution 

in the microvasculature, pericytes are regarded as a promising and attractive source of 

precursor cells for regenerative medicine.17-19 We hypothesize SCT with purified pericytes to 

be a suitable approach for the treatment of ischemic heart disease (IHD).20  

Besides cardiomyogenesis, cardioprotective mechanisms, including anti-fibrosis, 

anti-inflammation, and neovascularization, play critical roles in SCT-mediated cardiac repair 

following ischemic insults.21-23 SCT reduces myocardial fibrosis and induces favorable tissue 

remodeling in the ischemic heart, which in turn increases myocardial compliance/strength 

and prevents the progressive, pathological decline toward HF.24,25 This anti-fibrotic feature 

was attributed in part to increased collagen degradation by matrix metalloproteinases (MMPs) 

and inhibition of fibroblast activation, possibly through a paracrine mechanism.26,27 

Additionally, the immunosuppressive/anti-inflammatory capacity of MSCs through secretion 

of immunoregulatory molecules has recently attracted clinical attention in organ 

transplantation and immune regulation.28,29 Whether pericytes possess similar anti-fibrotic 

and immunoregulatory capacities within the ischemic microenvironment remains to be 

addressed. 

To relieve the underlying cause of IHD, SCT-based approaches toward myocardial 

revascularization have been extensively pursued.30,31 Due to their native vascular localization 
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and secretion of trophic factors that are associated with tissue repair and vascular 

growth/remodeling, pericytes may restore injured vascular networks more efficiently.18 

Pro-angiogenic signaling molecules released by stem/progenitor cells stimulate 

neovascularization in ischemic tissues.31 Additionally, cell-cell interaction between vascular 

mural cells and endothelial cells was lately suggested to play essential roles in blood vessel 

remodeling and maturation.32,33 Whether pericytes mediate revascularization of the ischemic 

myocardium through any of these two mechanisms has yet to be tested 

In the present study, we investigated the therapeutic potential of purified human 

skeletal muscle pericytes in IHD, using an acute MI (AMI) model in immunodeficient mice. 

Transplantation of pericytes not only reversed cardiac dilatation but also improved cardiac 

contractility. Major repair mechanisms were investigated, including reduction of fibrosis, 

inhibition of chronic inflammation, promotion of angiogenesis, and regeneration of the 

myocardium. We further describe putative mediators employed by pericytes. GFP-labeling 

was used to track perivascular homing and lineage fate of transplanted pericytes. Our results 

demonstrate that the overall benefit of pericyte treatment is collectively attributed to multiple 

cardioprotective mechanisms that involve paracrine and direct cell-cell interactions. 

 

Material and Methods 

 

Human Tissue Biopsies and Cell Isolation 

In total, 3 independent human skeletal muscle specimens (1 adult and 2 fetal) were 

used for cell isolation. The procurement of adult muscle biopsies from the National Disease 

Research Interchange was approved by the Institutional Review Board (IRB) at the University 

of Pittsburgh. Muscle biopsies (male subject, 57 years old) were preserved in DMEM 

containing 1% antibiotics and transported to the laboratory on ice. Human fetal tissues (21 

and 23 weeks of gestation) were obtained following voluntary pregnancy interruptions 

performed at Magee Womens Hospital, Pittsburgh, in compliance with IRB protocol 0506176. 

Informed consents for the use of fetal tissues were obtained from all patients. Cells were 

mechanically and enzymatically dissociated from muscle biopsies following the reported 

protocol.12 Details are described in supplemental material. 

 

Fluorescence-activated Cell Sorting (FACS) and Flow Cytometry Analysis 

 FACS and flow cytometry were used to purify microvascular pericytes 

(CD146+/34-/45-/56-) and examine cell lineage marker expression respectively, as we 

previously reported.12 Details are documented in supplemental material. 
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Cell Culture and Cell Labeling 

Sorted pericytes were expanded in reported culture conditions.12 Single donor-derived 

human umbilical cord vein endothelial cells (HUVECs, Lonza) were cultured in endothelial 

cell growth medium-2 (EGM-2, Lonza). Cultured pericytes were labelled with green 

fluorescence protein (GFP) following a published protocol,12 using a lentivirus-based 

CMV-driven eGFP-expression vector. For short-term experiments, cells were labelled with 

cell membrane dyes, PKH26 (red) and PKH67 (green) (both from Sigma-Aldrich), and used 

immediately without further expansion. 

 

Cell Transplantation in an Acute Myocardial Infarction Model 

The Institutional Animal Care and Use Committee at Children’s Hospital of Pittsburgh 

and University of Pittsburgh approved the animal usage and surgical procedures 

(Protocol#37-04, 55-07, 0901681A-5). A total of 78 male NOD/SCID mice (Jackson 

Laboratory) were used. MI induction (by ligation of left anterior descending coronary artery) 

and intramyocardial cell injection (3x105 cells/heart) were performed by a blinded surgeon as 

previously reported.34 Control mice received injections of 30 µl phosphate-buffered saline 

(PBS). 

 

Evaluation of Cardiac Function by Echocardiography 

Mice were anesthetized with isoflurane and transthoracic echocardiography was 

performed by a blinded investigator repeatedly before and after surgery (at 2 and 8 weeks), 

using a high resolution ultrasound system (Vevo 770, Visual Sonics), as described 

previously.34 Mice which died prior to 8 weeks post-injection were excluded. 

Echocardiographic measurements are listed in supplemental material.  

 

Histological and Immunohistochemical Analyses  

At 1, 2, and 8 weeks post-surgery, hearts were harvested and processed as 

previously described.34 Cryosections at 6-8 µm thickness were used for histological and 

immunohistochemical analyses following published protocols.34 Anti-GFP immunofluorescent 

staining was performed on 4% paraformaldehyde-fixed sections. Donor cell engraftment and 

perivascular homing were quantified on serial sections stained with anti-GFP antibody 

(Abcam) and dual-stained with anti-GFP/anti-mouse CD31 (BD Biosciences) antibodies 

respectively, using Image J. The engraftment ratio was defined as the extrapolated total 

number of engrafted GFP-positive cells to the initial 3x105 cells injected. Perivascular homing 

ratio was defined as the extrapolated number of GFP-positive cells juxtaposing 

CD31-positive mouse endothelial cells to the extrapolated total number of engrafted cells. 
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Using Masson’s trichrome staining (San Marcos), fibrotic area fraction and infarct wall 

thickness were estimated from 6 randomly selected sections at comparable infarct levels per 

heart as previously described.34 Quantification of host angiogenesis and chronic inflammation 

was computed from 6-10 randomly selected images taken from the designated area in 

sections stained with anti-mouse CD31 and anti-mouse CD68 (Abcam) at the mid-infarct 

level respectively. Experimental details are documented in supplemental material. 

 

Hypoxia Assay and ELISA 

To simulate the lower oxygen tension at the tissue level, physiologically or 

pathologically, pericytes were cultured under 2.5% O2 hypoxic conditions (with 5% CO2 and 

92.5% N2) as formerly described.34 Cells were washed twice before defined, serum-free 

DMEM medium was added upon the transition to low O2 conditions. Culture supernatant and 

cell lysates were collected 24 hours later. Cells cultured under 21% O2 (normoxia) served as 

controls. The secretion of vascular endothelial growth factor (VEGF), angiopoietin-1 (Ang-1), 

angiopoietin-2 (Ang-2), and transforming growth factor (TGF)-β1 in the culture supernatant 

was measured by respective enzyme-linked immunosorbent assay (ELISA) with human 

VEGF (Invitrogen), Ang-1, Ang-2, and TGF-β1 (all from R&D Systems) ELISA Kits.   

 

Real-time Quantitative PCR and Semi-quantitative RT-PCR  

Real-time quantitative PCR (rt-qPCR) was performed as previously reported.9 Total 

RNA (N=6) was extracted for cDNA synthesis. The quantitative analyses were performed in 

the core facility at the University of Pittsburgh. All data are presented as expression level 

normalized to human cyclophilin (in arbitrary fluorescence units). For semi-quantitative 

RT-PCR (sqRT-PCR), total RNA (N=3) were extracted using RNeasy plus-mini-kits (Qiagen). 

From each sample, 500ng of total RNA were reverse transcribed, followed by PCR. The 

intensity of the product bands were calculated using Quantify-One software and normalized 

to β-actin. The primer sequences are listed in supplemental table T1 and T2. 

 

In vitro Vascular Network Formation 

 Cell culture/co-culture experiments using 2D and 3D Matrigel systems were 

performed to observe the capillary-like network formation. For 2D culture, 5x104 pericytes or 

HUVECs were seeded onto Matrigel-coated well and incubated for 24 hours. For 3D culture, 

25x104 pericytes or HUVECs were re-suspended in EGM-2 medium and mixed with Matrigel 

in a 3:1 ratio. The Matrigel plug was subsequently incubated for 72 hours. Equal numbers of 

dye-labeled pericytes and HUVECs were well mixed in 2D or 3D co-culture for 72 hours to 

observe pericyte-HUVEC interactions.  
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Measurement of Cell Proliferation 

Murine RAW264.7 monocyte/macrophage cells (ATCC) or primary murine skeletal 

myoblasts, muscle fibroblasts, and cardiac fibroblasts were cultured with normoxic or hypoxic 

pericyte-culture conditioned medium, or with serum-free control medium, for 72 hours. Cell 

proliferation was measured by the absorbance at 490nm after incubation with CellTiter 

Proliferation Assay Reagent (Promega) for 3 hours. Experiments were performed in 

quadruplicates and repeated 3 times independently. 

 

Statistical Analysis 

All measured data are presented as mean ± standard error (SE). Kaplan-Meier 

survival curve estimation with log-rank test was performed to compare the animal survival 

rate between treatment groups. Statistical differences were analyzed by Student’s t-test (two 

groups), one-way ANOVA (multiple groups), or two-way repeated ANOVA (repeated 

echocardiographic measurements) with 95% confidence interval. Statistical significance was 

set at p<0.05. Student-Newman-Keuls multiple comparison test (or Bonferroni test if specified) 

was performed for ANOVA post-hoc analysis. Statistical analyses were performed with 

SigmaStat 3.5 (Systat Software) and SPSS19 (IBM) statistics software. 

 

Results 

 

Isolation and Transplantation of Human Pericytes 

As reported in our previous studies,12 FACS was used to purify human microvascular 

pericytes (CD146+/34-/45-/56-) to homogeneity from skeletal muscle biopsies of three donors 

(one adult and two fetal, designated as AP, FP1, and FP2 respectively), by their differential 

expression of cell lineage markers, including CD34 (endothelial/stem cells), CD45 

(hematolymphoid cells), CD56 (myogenic cells), and CD146 (pericyte/endothelial cells) 

(Supplemental Figure S1). No phenotypical difference between adult and fetal pericytes was 

noted, consistent with our previous observations.12 After in vitro expansion (25-35 cell 

doublings) and prior to transplantation, in all three pericyte populations, we have observed no 

alteration to their distinctive morphology as well as classic antigenic profile, including robust 

expression of CD146, alkaline phosphatase (ALP), and typical MSC markers: CD44, CD73, 

CD90, CD105 with the absence of CD34, CD45, and CD56 (Supplemental Figure S2A and 

S2B). Additionally, cell labeling (in subsequent experiments) did not alter pericyte phenotype 

(data not shown). Cells (3.0×105 cells/heart) resuspended in 30µl PBS were injected into the 

acutely infarcted myocardium of immunodeficient mice. The control group received injections 

of 30µl PBS following the induction of MI.  
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Human Pericyte Transplantation Improves Cardiac Function 

The survival of animals receiving pericyte treatment or PBS injection was monitored 

over the course of 8 weeks (Kaplan-Meier survival curve, log-rank test p=0.529, Figure1A). 

Cardiac function was assessed by echocardiography performed repeatedly before (healthy) 

and at 2 and 8 weeks after surgery (Supplemental Figure S3). Ischemic hearts injected with 

either of the three pericyte populations (N=8 per donor) had significantly smaller left 

ventricular (LV) chamber size, as measured by LV end-diastolic area (LVEDA, Figure 1B) and 

end-systolic area (LVESA, Figure 1C), than the control group (N=8) (all p<0.05), suggesting 

the reversal of progressive heart dilatation. Moreover, all pericyte-transplantation groups 

displayed significantly better LV contraction, evaluated by LV fraction shortening (LVFS, 

Figure 1D), LV fractional area change (LVFAC, Figure 1E), and LV ejection fraction (LVEF, 

Figure 1F), than the control group (all p<0.05). Collectively, when compared to vehicle 

treatment, pericyte treatment not only resulted in considerably smaller LV chamber dimension 

(p<0.001, two-way repeated ANOVA) but also notably improved LV contractility (p<0.001, 

two-way repeated ANOVA) for up to 2 months. Dimensional and functional echocardiographic 

parameters are documented in Supplemental Table T3. In a separate experiment, we 

compared cardiac function of acutely infarcted hearts injected with either APs or CD56+ 

myogenic progenitors, sorted from a single adult muscle biopsy. The echocardiographic 

results at 2 weeks post-infarction showed that pericyte-treated hearts (N=6) have significantly 

better LV function than CD56+ progenitor-treated ones (N=6) in five parameters examined, 

including LVEDA (p=0.004), LVESA (p=0.002), LVFS (p=0.003), LVFAC (p=0.003), and LVEF 

(p≤0.001) (Supplemental Figure S4).  

 

Transplantation of Pericytes Reduces Cardiac Fibrosis  

To understand the influence of pericyte treatment on cardiac fibrosis, we evaluated 

scar tissue formation using Masson’s trichrome histological staining. At 2 weeks 

post-infarction, pericyte-treated hearts displayed less collagen deposition (stained in 

blue/purple) at the ischemic area (Figure 2A). Estimation of the total fibrotic tissue ratio 

unveiled a 45.3% reduction of cardiac fibrosis in the pericyte-injected myocardium (N=5, 

22.03±1.81%) when comparing to saline-injected controls (N=5, 40.28±2.15%) (Figure 2B, 

p≤0.001), suggesting the anti-fibrotic efficacy of pericytes. Measurement of LV wall thickness 

at the center of the infarct indicated no significant difference (p>0.05) between the pericyte 

group (0.255±0.026 mm) and the PBS group (0.202±0.040 mm), suggesting that pericytes 

had limited beneficial effects to reduce transmural infarct thinning following MI (Figure 2C). 
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Paracrine Anti-fibrotic Effects of Pericytes under Hypoxia 

Oxygen tension within tissues, physiologically or pathologically, is considerably lower 

than the ambient oxygen concentration in vitro. To elucidate the mechanism involved in 

pericyte-mediated reduction of fibrosis, we mimicked, at least in part, the hostile hypoxic 

microenvironment that donor cells encounter within the ischemic myocardium by culturing 

pericytes under 2.5% oxygen for 24 hours in defined, serum-free medium. Pericytes cultured 

under 21% oxygen (normoxia) served as controls. We then performed a cell proliferation 

assay using primary murine skeletal muscle and cardiac fibroblasts as well as skeletal 

myoblasts cultured with pericyte-conditioned medium (P-CM). Cardiac fibroblast proliferation 

was significantly reduced when cultured in hypoxic P-CM, compared to normoxic P-CM 

(p=0.019) (Figure 2D). Muscle fibroblast proliferation exhibited the same inhibitory pattern 

(p<0.001, hypoxic versus normoxic P-CM) with normoxic P-CM showing a pro-proliferative 

effect over control serum-free medium (p<0.05) (Figure 2D). Neither of the two P-CMs had 

significant influence over skeletal myoblast proliferation (p=0.76). One-way ANOVA with 

Bonferroni multiple comparisons was performed for statistical analysis. This suggests a 

paracrine anti-fibrotic effect by pericytes in hypoxia. We further proposed a fibrolytic role of 

pericyte-derived matrix metalloproteinases (MMPs) and examined gene expression of 

MMP-2 and MMP-9 by real-time qPCR. Cultured pericytes expressed more MMP-2 but nearly 

10 times less MMP-9 than total skeletal muscle lysates (tissue origin control) (Figure 2E). We 

then explored MMP expression in hypoxia-cultured pericytes and demonstrated that MMP-2 

expression in pericytes was well sustained under 2.5% oxygen, compared to normoxic 

culture (Figure 2F, p>0.05), while MMP-9 expression remained extremely low without 

significant change (Figure 2F, p>0.05). Immunohistochemical study revealed that some of the 

transplanted pericytes within the infarct region expressed MMP-2 (Figure 2G, a-d). 

 

Transplantation of Pericytes Inhibits Chronic Inflammation 

Histological analysis of pericyte- and PBS-injected hearts after hematoxylin and eosin 

(H&E) staining indicated an increased focal infiltration of inflammatory cells (cluster of cells 

with dark blue-stained nuclei) within the infarct region in the latter (Figure 3A). To more 

precisely evaluate the immunomodulatory effect of pericyte transplantation, we detected host 

CD68-positive monocytes/macrophages by immunohistochemistry. Pericyte-injected hearts 

exhibited diminished infiltration of host phagocytic cells within the infarct region at 2 weeks 

post-infarction (Figure 3B). Districts of the myocardium unaffected by the ischemic insult 

(posterior and septal walls) contained few CD68-positive cells in either group, similar to 

healthy hearts (Figure 3C). Quantitatively, injection of pericytes (N=5) resulted in a 34% 

reduction in infiltration of CD68-positive cells at 2 weeks post-infarction when compared to 

PBS controls (N=5) (Figure 3D, p<0.001). 
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Paracrine Immunomodulation by Pericytes 

To understand the underlying mechanism of pericyte-induced inhibition of phagocytic 

cell infiltration, we analyzed the proliferation of murine macrophages cultured with 

pericyte-conditioned medium. Murine macrophage proliferation was significantly inhibited 

when culturing with both normoxic (p=0.018) and hypoxic (p<0.001) pericyte-conditioned 

media, compared to control medium (Figure 3E). Furthermore, hypoxic pericyte-conditioned 

medium exhibited a more prominent immunomodulatory effect than the normoxic counterpart 

(Figure 3E, p=0.002). We then investigated by sqRT-PCR the differential expression of genes 

encoding immunoregulatory molecules that are potentially accountable for this paracrine 

immunomodulation by pericytes. Under either normoxia or hypoxia, pericytes indeed 

expressed a considerable array of anti-inflammatory cytokines: interleukin-6 (IL-6), leukemia 

inhibitory factor (LIF), cyclooxygenase-2 (COX-2/PTGS-2, prostaglandin endoperoxide 

synthase-2) and heme oxygenase-1 (HMOX-1) (Figure 3F). Similarly, monocyte chemotactic 

protein-1 (MCP-1) and hypoxia-inducible factor-1 (HIF-1) were highly expressed by 

pericytes (Figure 3F). Conversely, we detected very low to no expression of pro-inflammatory 

cytokines including interleukin-1 (IL-1), tumor necrosis factor- (TNF-), and interferon-γ 

(IFNγ) (Figure 3F). No expression of interleukin-4 (IL-4), interleukin-10 (IL-10), inducible nitric 

oxide synthase (iNOS), and indoleamine 2,3-dioxygenase (2,3-IDO) was observed (Figure 

3F). Quantitatively, there was no significant alteration of expression under hypoxia of 

immunoregulatory genes investigated, except MCP-1, whose expression was notably 

decreased in hypoxia-cultured pericytes (Figure 3G, all p>0.05; MCP-1, p=0.027). 

 

Transplanted Pericytes Promote Host Angiogenesis  

We examined whether intramyocardial transplantation of pericytes restores the host 

vascular network post-infarction. Capillaries in the peri-infarct areas (Figure 4A) and within 

the infarct region (Figure 4B) were revealed by anti-mouse CD31 (platelet endothelial cell 

adhesion molecule, PECAM-1) immunofluorescent staining and subsequently quantified. 

Capillary structure density in the peri-infarct areas of pericyte-injected hearts (N=5) was 

increased by 45.4% when compared to PBS-injected controls (N=5) (Figure 4C, p=0.01). 

Higher microvascular density was also observed within the infarct region, with 34.8% more 

capillaries in the pericyte-treated hearts (Figure 4C, p=0.002). Detection of the proliferating 

host ECs by Ki-67, a cell proliferation marker, and CD31 showed that pericyte-injected hearts 

(N=3) had significantly more proliferating ECs than PBS-injected controls (N=3) in both the 

infarct region (p=0.034) and peri-infarct areas (p=0.025) (Supplemental Figure S5A-C). 

These findings suggest that transplanted pericytes promote host angiogenesis not only in the 

peri-infarct areas, where blood vessels were generally better preserved after the ischemic 
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injury, but also within the blood vessel-deprived infarct region. 

 

Pericytes Support Microvascular Structures 

To demonstrate that pericytes benefit host vascular networks through their support of 

microvascular structures, we developed 2D and 3D Matrigel cultures/co-cultures using 

pericytes and HUVECs. HUVECs seeded onto Matrigel-coated wells formed typical 

capillary-like networks after 24 hours (Figure 5A). Pericytes, however, formed similar 

structures within 6-12 hours of seeding (Figure 5B). To illustrate the reciprocal influence 

between pericytes and endothelial cells (ECs), dye-labeled pericytes (PKH67, green) and 

HUVECs (PKH26, red) were mixed and co-cultured in 2D Matrigel, which resulted in the 

formation within 6-12 hours of capillary-like structures that included both cell types (Figure 

5C). Pericytes (green) were observed to collocate with HUVECs (red) in the co-formed 

three-dimensional structures after incubation for 24 hours (Figure 5C, inset). Additionally, 

HUVECs (red) appeared to morphologically align with pericytes (green) (Figure 5D). To 

further unveil the vascular supportive role of pericytes, an in vitro 3D Matrigel system 

designed to simulate native capillary formation was used. HUVECs evenly distributed within 

the 3D Matrigel plug were unable to form organized structures after 72 hours (Figure 5E). To 

the contrary, pericytes started to form capillary-like networks 24 hours after gel-casting, with 

structural remodeling over time (Figure 5F). The dynamic interaction between pericytes and 

ECs was best depicted by encapsulating dye-labeled pericytes (green) and HUVECs (red) in 

a 3D Matrigel plug. Together these two types of cells formed capillary-like structures after 

incubation for 72 hours (Figure 5G) with pericytes surrounding HUVECs (Figure 5H). These 

data suggest that pericytes retained vascular cell features and formed structures supportive 

of microvascular networks even after purification and long-term culture, while pericyte-EC 

association may play a role in the pericyte-facilitated angiogenic process. 

 

Differential Expression of Pro-angiogenic Factors and Associated Receptors by 

Pericytes under Hypoxia 

The paracrine angiogenic potential of pericytes in the ischemic heart was investigated 

using the simulated hypoxic environment in vitro. Expression of genes encoding 

pro-angiogenic factors and corresponding receptors was assessed by real-time qPCR. 

Vascular endothelial growth factor-A (VEGF-A), platelet-derived growth factor-β (PDGF-β), 

and transforming growth factor (TGF)-β1 were notably up-regulated by 307% (p≤0.001), 

437% (p=0.067), and 178% (p=0.037) respectively in pericytes cultured under hypoxic 

conditions (Figure 6A). Expression of other pro-angiogenic factors, including basic fibroblast 

growth factor (bFGF), hepatocyte growth factor (HGF), and epidermal growth factor (EGF), 

was down-regulated to 44% (p<0.05), 23% (p≤0.001), and 60% (p>0.05) of their expression 
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levels in normoxia (Figure 6A). On the other hand, VEGF receptor-1 (VEGFR-1/Flt-1) and -2 

(VEGFR-2/KDR/Flk-1) were substantially up-regulated by 458% (p=0.004) and 572% 

(p≤0.001) respectively under 2.5% oxygen (Figure 6B). PDGF receptor-β (PDGF-Rβ) 

expression was not significantly changed (161%, p>0.05) (Figure 6B). VEGF secretion by 

pericytes, measured by ELISA, significantly increased over 3-fold (p≤0.001) under hypoxic 

culture conditions while angiopoietin-1 (Ang-1) secretion reduced by 35% (p>0.05) (Figure 

6C). Very little secretion of angiopoietin-2 (Ang-2) by pericytes was detected under both 

conditions (p>0.05) (Figure 6C). Additionally, TGF-β1 secretion increased by 30.1% under 

hypoxia (p=0.028) (Figure 6C), consistent with its up-regulated gene expression. The 

expression of human VEGF165 by engrafted pericytes within the infarct region was confirmed 

by immunohistochemistry (Figure 6D, a-c). 

 

Transplanted Pericytes Home to Perivascular Locations 

It is not known whether purified pericytes home back to perivascular areas in vivo. To 

reveal their engraftment and homing pattern, cultured pericytes were transduced with a GFP 

reporter gene at near 95% efficiency (Figure 7A) and injected (3.0×105 cells) into acutely 

infarcted hearts. GFP-labeled pericytes engrafted throughout the ventricular myocardium 

(Figure 7B), particularly in the peri-infarct area (Supplemental Figure S6). Many donor 

pericytes retained expression of NG2, a pericyte marker (Supplemental Figure S7). Confocal 

microscopy showed that a fraction of pericytes were identified in perivascular positions, 

adjacent to host CD31-positive endothelial cells (Figure 7C). Indeed, pericytes were aligned 

with (Figure 7C, main) or surrounding (Figure 7C, inset) CD31-positive microvessels, 

suggestive of perivascular homing. The number of engrafted GFP-positive pericytes was 

approximately 9.1±1.3% of total injected cells at the first week and declined over time to 

3.4±0.5% at 8 weeks post-infarction (N=3 per time point) (Figure 7D, dash-dot line). The 

perivascular homing rate instead increased from 28.6% to 40.1% over the course of 8 weeks, 

implicating the merit of niche-homing for long-term donor cell survival (Figure 7D, solid line). 

To demonstrate cellular interactions between donor pericytes and host ECs, we performed 

immunohistochemical studies for ephrin type-B receptor 2 (EphB2) and connexin43, a gap 

junction protein. Confocal images revealed that some GFP-positive pericytes juxtaposing 

host ECs expressed human-specific EphB2 (Figure 7E) or formed gap junctions with ECs 

(Figure 7F). These results suggest cellular interactions between host ECs and donor 

pericytes homed to perivascular locations.  

 

Cell Lineage Fate of Transplanted Pericytes 

GFP-labeled pericytes were employed to track cell lineages developed from donor 

pericytes and investigate the capacity of human muscle pericytes to reconstitute major 
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cardiac cell types after injury. Immunohistochemistry was performed to simultaneously detect 

GFP and cell lineage markers: the cardiomyocyte marker, cardiac troponin-I (cTn-I); the 

smooth muscle cell (SMC) marker, smooth muscle myosin heavy chain (SM-MHC); the 

endothelial cell (EC) marker, CD31. Confocal microscopy revealed that in the peri-infarct area, 

a minor fraction of transplanted pericytes co-express GFP and cTn-I (Supplemental Figure 

S8A-C, main), a few of which appear single-nucleated (Supplemental Figure S8A-C, inset). 

Some GFP-positive cardiomyocytes were identified within the remaining myocardium 

(Supplemental Figure S8D-F) with organized sarcomeric patterns (Supplemental Figure 

S8G-I). A very small number of donor pericytes co-expressed GFP and human-specific CD31 

(<1%) (Supplemental Figure S8J-L). Similarly, co-expression of GFP and human-specific 

SM-MHC was detected in very few transplanted cells (<0.5%) (Supplemental Figure S8M-O). 

Negative control images were stained only with matching fluorescence-conjugated secondary 

antibodies (Supplemental Figure S8P-R). 

 

Discussion 

Pericytes constitute a major structural component of small blood vessels, regulating 

vascular development, integrity and physiology. The recent identification of microvascular 

pericytes as one of the native sources of MSC ancestors raised the possibility that these cells 

participate in the repair of injured/ageing organs.11-16,35 The therapeutic potential of 

microvascular pericytes was indicated by structural and functional regeneration of skeletal 

muscle involving direct pericyte differentiation into regenerative units as well as applications 

in lung repair and vascular tissue engineering.8,11,12,35,36 Pericytes can also repair tissue via 

secretion of trophic factors, implying broad usage in clinical settings.8,18 

Recent studies indicated a possible developmental hierarchy among different 

stem/progenitor cell populations residing in the blood vessel walls.15,37 Katare et al. reported 

that transplantation of adventitial progenitor cells repairs infarcted hearts through 

angiogenesis involving microRNA-132.38 Herein we demonstrate that transplantation of 

human FACS-purified microvascular pericytes contributes to the functional and structural 

repair of the ischemic heart, albeit unequally, through both paracrine effects and cellular 

interactions. A major goal of SCT, the prevention of progressive LV dilatation and consequent 

heart failure, was largely achieved by pericyte treatment, implicating the attenuation of 

deleterious remodeling. We also observed significant improvement of cardiac contractility in 

an acute infarction milieu, with up to 70% of healthy contractile function consistently 

maintained for at least two months. No significant difference was observed between adult and 

fetal pericytes in terms of heart repair. The therapeutic benefits observed could be explained, 

at least in part, by anti-fibrotic, anti-inflammatory, angiogenic, and to a lesser extent, 

cardiomyogenic properties of pericytes. 
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The anti-fibrotic action of mesodermal stem/progenitor cells in the injured heart has 

been reported.25-27 MSC-conditioned medium diminished viability, proliferation, collagen 

synthesis, and α-SMA expression in cardiac fibroblasts but stimulated MMP2/9 activities, 

indicating a paracrine anti-fibrotic property of MSCs.26,27 Our results demonstrated a near 

50% reduction of myocardial fibrosis following pericyte injection. Along with the attenuation of 

progressive LV dilatation, pericyte treatment appears to result in propitious remodeling, 

leading to improved myocardial compliance and strengthening of the ischemic cardiac tissue.  

We speculated that decreased fibrosis/scar formation is, at least partially, associated 

with a reduced number of fibrotic cells resulting from the administration of pericytes. 

Interestingly, pericyte-treated hearts contained significantly less cells within the infarct area 

than PBS-injected controls (p<0.05, Supplemental Figure S9A) with no statistical difference in 

Ki-67(+) proliferating cell density (p=0.808, Supplemental Figure S9B). Additionally, TUNEL 

staining revealed no significant difference between pericyte- and PBS-injected hearts in the 

number of apoptotic cells within the infarct region (p=0.296, Supplemental Figure S10A-B). 

Due to the highly fibrotic nature of MI, we were unable to quantitate fibrotic cells in vivo. 

Nevertheless, murine fibroblast proliferation was notably inhibited when cultured in hypoxic 

pericyte-conditioned medium in vitro, indicating the paracrine fibrosuppressive effect of 

pericytes under hypoxia. MMPs were suggested to play important roles in post-injury scar 

remodeling, angiogenesis, and vascular cell proliferation/migration.27,39 In particular, a 

preponderant role of MMP-2 in preventing collagen accumulation by cardiac fibroblasts was 

proposed.27 Consequently, we postulated the existence of a fibrolytic activity from donor 

pericytes, involving MMPs, which contributes to the attenuation of cardiac fibrosis. Indeed, 

high expression of MMP-2, but not MMP-9, by pericytes, even under hypoxic conditions, was 

observed. The expression of MMP-2 was confirmed in some, but not all, transplanted 

pericytes, implying a minor role of pericyte-mediated fibrolysis. Overall, our data suggest that 

the gross amelioration of fibrosis presumably involves decreased collagen deposition, 

reduced proliferation of fibroblasts, and altered remodeling of the extracellular matrix (ECM). 

Yet whether there exists one or more determining mechanism(s) remains to be investigated.  

The immunosuppressive potential of MSCs, demonstrated by inhibiting T-lymphocyte 

proliferation in culture and counteracting graft-versus-host reaction in recipients of allogeneic 

blood stem cells, is currently exploited in clinical trials.28,29 In the cardiac milieu, MSC 

transplantation in a rat model of acute myocarditis mitigated the increase in CD68+ 

phagocytic cells.40 In the present study, pericyte treatment significantly diminished host 

monocyte/macrophage infiltration in the infarcted myocardium, suggesting an 

anti-inflammatory potential which contributed to the reduction of fibrosis, amelioration of 

adverse remodeling, and improvement of cardiac function. Nevertheless, whether pericytes 

inhibit the acute-phase inflammation occurring soon after the incidence of MI is unknown. 

Inhibition of murine macrophage proliferation in culture by pericyte-conditioned medium 
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suggests a paracrine mechanism of their immunomodulatory capacity. 

The immunosuppressive and anti-inflammatory capacities of MSCs are primarily 

attributed to soluble factors/molecules, as IL-6, LIF, and HMOX-1 were shown to exercise 

beneficial immunosuppressive effects.28,29 The attenuation of intense inflammation and 

mitigation of multi-organ damage by MSCs during sepsis are dependent on 

monocyte/macrophage-derived cytokines and regulated via PGE2 signaling.41 The 

immunoregulatory and cardioprotective functions of these molecules appear to be similar in 

the cardiac milieu.22,42 Our data demonstrate that pericytes express high levels of IL-6, LIF, 

COX-2, HMOX-1, and HIF-1, which are sustained under hypoxic conditions. MCP-1 

expression, however, notably decreased under hypoxia, corresponding with the reduced 

CD68+ cell infiltration in vivo. Little to no expression of pro-inflammatory cytokines including 

IL-1, TNF- and IFNγ was detected. Virtually no expression of IL-4, IL-10, iNOS, and 

2,3-IDO was observed in pericytes, suggestive of an immunoregulatory cytokine secretome 

that is unique to human microvascular pericytes.29,43 Intriguingly, TGF-β1, also an 

anti-inflammatory yet fibrogenic cytokine, was strongly expressed by pericytes.22,44 Our data 

suggested increased TGF-β1 expression/secretion by pericytes under hypoxic conditions 

(Figure 6A and 6C). Given the multiple functions each proposed growth factor/cytokine 

possesses, it is likely that a dynamic, interactive, and intricately orchestrated balance of 

trophic factors between donor and host cells holds the key to a successful ischemic tissue 

remodeling and regeneration. 

A linear correlation between secretion of pro-angiogenic factors, angiogenesis and 

cardiac restoration was illustrated by blocking the bioactivity of VEGF secreted from 

transplanted murine muscle-derived stem cells in a mouse MI model, which not only 

abolished their stimulation of neovascularization but in turn negatively influenced LV 

contractility and infarct size.45 Okada et al. further delineated the superior angiogenic 

properties of human myoendothelial progenitor cells and increased secretion of VEGF in 

response to hypoxia.34 Given the indigenous vascular association of pericytes, we 

hypothesized that pericytes are able to repair the damaged host vasculature. Indeed, upon 

pericyte treatment, we observed a significantly larger host microvascular network not only in 

the peri-infarct collateral circulation but within the infarct region. Cultured pericytes secrete 

growth factors/cytokines/chemokines related to vascular physiology and remodeling18; 

among which, only VEGF-A, PDGF-β, and TGF-β1 were substantially up-regulated under 

hypoxia, suggesting their role in pericyte-enhanced angiogenesis.39,46 

Angiogenesis may follow cell-cell contact between donor pericytes and host ECs, in 

addition to stimulation by angiogenic factors. Recent studies reported that MSCs and 

vascular mural/adventitial cells support ECs in small blood vessel formation and maturation in 

culture and in vivo.33,47 We did observe the perivascular homing of donor pericytes in the 
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ischemic heart. Some donor pericytes juxtaposing host ECs expressed interactive molecules 

including EphB2 and connexin43, suggestive of cellular interactions.48,49 Planar Matrigel 

culture confirmed the vascular cell characteristics of pericytes and their capability to enhance 

the angiogenic behavior of ECs. We further demonstrated microvessel formation and 

vascular support by pericytes in three-dimensional cultures, indicating that associations 

between pericytes and ECs may contribute to revascularization. Nevertheless, the vibrant 

angiogenic response of pericytes observed in vitro may be reduced in vivo because of the 

harsh microenvironment caused by post-MI ischemia and inflammation. Altogether, these 

results demonstrate that the angiogenic properties of pericytes may result from indirect 

paracrine effects and, albeit minor, direct cellular interactions.  

Compared to other types of stem/progenitor cells, pericytes appear to engraft well in 

the infarcted heart initially, presumably attributable to several factors.50 We did not observe 

apparent cell death of pericytes cultured under 2.5% O2 for up to 48 hours, implying their 

resistance to hypoxia (data not shown). The increased proliferation and migration of pericytes 

in response to low oxygen concentration and ECM degradation products have important 

implications for ischemic injury repair.10 The perivascular niche-homing capacity may further 

benefit the long-term survival of pericytes. Nonetheless, it remains unclear whether pericytes 

actively migrated to perivascular locations or served as a re-vascularizing center 

inducing/recruiting angiogenic proliferation/migration of host ECs. Future studies are needed 

to reveal the kinetics of pericyte-EC interaction and migration in vivo. 

The potential of human muscle pericytes to reconstitute major cell types in the injured 

myocardium, though to a small extent, was hereby demonstrated. Cell fate tracking suggests 

that a minor fraction of donor pericytes differentiated into and/or fused with cardiomyocytes. 

Given the small number of GFP-cTnI dual-positive cells present, it is unlikely that these cells 

contributed significantly to functional recovery.21 Pericytes, all of which were α-SMA-positive 

during culture expansion, lost α-SMA expression once homing to host microvasculature (data 

not shown), consistent with our finding that a subset of native microvascular pericytes do not 

express α-SMA in situ.12  

In summary, FACS-purified human microvascular pericytes contribute to anatomic 

and functional cardiac improvement post-infarction through multiple cardioprotective 

mechanisms: reverse of ventricular remodeling, reduction of cardiac fibrosis, diminution of 

chronic inflammation, and promotion of host angiogenesis. Vessel-homing and small-scale 

regenerative events by pericytes partially reconstitute lost cardiac cells and contribute to the 

structural recovery. These cardioprotective and cardioregenerative activities of a novel stem 

cell population that can be purified to homogeneity and expanded in vitro await further 

research and exploitation in ischemic cardiovascular diseases.    
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Figure Legends 

 

Figure 1. Survival rate and cardiac functional assessment 

(A) Cumulative survival rate of the animals over 8 weeks post-surgery (Kaplan-Meier Survival 

Curve, log-rank test p=0.529). Echocardiographic analyses revealed a significant reduction of 

LV dilatation by transplantation of all three pericyte populations (AP, FP1, and FP2), as shown 

by the smaller LV area in end-diastole (B) and end-systole (C) of hearts at both time points. 

Injection of pericytes also resulted in substantial improvement in LV contractility, as indicated 

by greater fractional shortening (D), fractional area change (E), and ejection fraction (F), at 

both time points. (†p≤0.001; §p≤0.005; #p≤0.01; ＊p≤0.05; versus PBS control group at each 

time point) 

 

Figure 2. Attenuation of myocardial fibrosis by pericyte treatment  

(A) Masson’s trichrome-stained transverse sections of hearts injected with pericytes or PBS 

(collagen in blue/purple, cardiac muscle in red; scale bars=1 mm). (B) The fibrotic area 

fraction was dramatically decreased in pericyte-injected hearts (p≤0.001). (C) Pericyte group 

had no significant increase in the infarct wall thickness. (D) When culturing with hypoxic 

pericyte-conditioned medium (P-CM), the proliferation of murine cardiac fibroblasts was 

significantly reduced (†p=0.019, versus normoxic P-CM) while muscle fibroblast proliferation 

exhibited the same pattern (＊p<0.001). Normoxic P-CM had a pro-proliferative effect over 

control medium in muscle fibroblasts, but not in cardiac fibroblasts (#p<0.05). Skeletal 

myoblast proliferation was not significantly affected by either of the P-CMs. (E) Expression of 

MMP-2 in cultured pericytes was higher than that in skeletal muscle lysates. Conversely, 

MMP-9 expression in pericytes was nearly 10 times less (logarithmic scale of 10 in arbitrary 

fluorescence units). (F) Expression of both MMP-2 and -9 in pericytes did not change 

significantly under hypoxia (p>0.05, logarithmic scale of 10 in arbitrary fluorescence units). (G) 

Immunohistochemistry revealed MMP-2 expression (red arrows) by some of the GFP-labeled 

donor pericytes (green arrows) within the infarct area at 2 weeks post-infarction (a) merge (b) 

anti-GFP in green (c) MMP-2 in red (d) DAPI nuclei staining in blue (scale bar=20m). 
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Figure 3. Reduction of host phagocytic cell infiltration by pericyte transplantation  

(A) H&E staining revealed a greater focal infiltration of leukocytes (dark blue-stained nuclei) 

within the infarct region in PBS-injected controls at 2 weeks post-infarction (scale 

bars=100m). (B) Anti-mouse CD68 immunostaining showed that the infarct region of 

pericyte-injected hearts contains less host phagocytic cells (scale bars=50m). (C) Host 

CD68-positive cells were locally attracted to the infarct region but not to the unaffected 

myocardium (posterior ventricular wall) in both groups (scale bars=50m). (D) Host 

monocytes/macrophage infiltration at the infarct site was significantly reduced (p<0.001). (E) 

The proliferation of murine macrophages was significantly inhibited when culturing with 

pericyte-conditioned media (＊p=0.018, #p<0.001, versus control medium), an effect more 

prominent with hypoxic pericyte-conditioned medium (†p=0.002, hypoxia versus normoxia). 

(F) Cultured pericytes exhibited sustained, high expression of genes regulating the 

inflammatory responses, even under 2.5% O2 (N: normoxia; H: hypoxia). Little expression of 

IL-1 and no expression of IL-4, IL-10, iNOS, 2,3-IDO, TNF-, and IFNγ were detected. (G) 

No statistically significant difference in expression of genes of immunoregulatory molecules 

between normoxic- and hypoxic-cultured pericytes except MCP-1, which notably decreased 

in hypoxic cultures (sqRT-PCR analysis, p=0.027). 

 

Figure 4. Promotion of host angiogenesis by pericyte treatment 

Representative images of anti-mouse CD31 immunostaining (A) in the peri-infarct area and 

(B) within the infarct region of hearts injected with pericytes or PBS (scale bars=50m). (C) 

Pericyte-treated hearts displayed significantly higher capillary densities in the peri-infarct area 

(p<0.05) and within the infarct region (p<0.001). 

 

Figure 5. Pericytes support microvascular structures  

(A) While HUVECs seeded onto Matrigel-coated wells formed typical capillary-like networks 

after 24 hours, (B) pericytes formed similar structures within 6-12 hours (scale bars=1mm). (C) 

When co-cultured on Matrigel, dye-labeled pericytes (green) and HUVECs (red) co-formed 

capillary-like networks within 6-12 hours, ([C], inset) with collocations of pericytes and 

HUVECs in three-dimensional structures formed 24 hours after seeding (scale bars: 

main=200m; inset=100m). (D) HUVECs (red) appear to line and spread out on top of the 

pericyte-formed structures (green) (scale bar=100m). (E) To simulate native capillary 

formation, HUVECs were evenly encapsulated into 3D Matrigel plug for 72 hours but unable 

to form any organized structure (scale bars=1mm). (F) Pericytes instead formed capillary-like 

networks in Matrigel plug with structural organization and maturation over time (scale 

bars=1mm). (G) When dye-labeled pericytes (green) and HUVECs (red) were co-casted into 

the 3D-gel plug, the two types of cells formed microvessel-like networks within 72 hours, (H) 

with pericytes surrounding HUVECs (scale bars: G=200m; H=50m). 
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Figure 6. Expression of pro-angiogenic factors and associated receptors under 

hypoxia 

(A) Pericytes dramatically up-regulated VEGF-A, PDGF-β, TGF-β1 gene expression under 

hypoxic conditions (2.5% O2) while expression of other pro-angiogenic factors, including 

bFGF, HGF and EGF were distinctively repressed. (B) Simultaneously, VEGFR-1 (Flt-1) and 

-2 (Flk-1) were substantially up-regulated, and PDGF-Rβ expression was moderately 

increased. All expression levels are normalized to human cyclophilin and presented in 

arbitrary fluorescence units on an expanded logarithmic scale (#p<0.05, *p≤0.001, †p<0.01, 

hypoxia versus normoxia). (C) Significantly increased secretion of VEGF (p≤0.001) and 

TGF-β1 (p=0.028) by pericytes under hypoxic culture conditions was detected by ELISA while 

secretion of Ang-1 was reduced by 35% (p>0.05). Very little secretion of Ang-2 was detected 

under both conditions (p>0.05). (D) Immunohistochemistry revealed human VEGF165 

expression by GFP-labeled donor pericytes within the infarct area at 2 weeks post-infarction 

(a) merge (b) hVEGF165 in red (c) anti-GFP in green (scale bar=50m). 

 

Figure 7. Transplanted pericytes home to perivascular locations 

(A) Pericytes were transduced with GFP reporter at nearly 95% efficiency. Fluorescence ([A], 

main) and bright-field ([A], inset) images were taken from the same low-power field (scale 

bars=200m). (B) Engraftment of GFP-labeled pericytes within host myocardium was 

revealed by anti-GFP immunostaining at 1 week post-injection (scale bar=500m, infarct site 

encircled by dotted lines). (C) Pericytes were lining with ([C], main) or surrounding ([C], inset) 

host CD31-positive microvasculature (scale bars=20m). (D) The engraftment efficiency of 

pericytes at 1 week (9.1±1.3%) and 8 weeks (3.4±0.5%) post-infarction was depicted 

(dash-dot line). The perivascular homing ratio instead increased from 28.6% to 40.1% and 

was delineated separately (solid line). Some GFP-positive pericytes juxtaposing host ECs (E) 

expressed human-specific EphB2 (green/white arrows) or (F) formed connexin43-positive 

gap junctions with ECs (red arrow heads) (scale bars=10m). 
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SUPPLEMENTAL MATERIAL 

 

MATERIAL AND METHODS 

 

Cell Isolation 

Fresh muscle biopsies were mechanically minced and digested with a mixture 

of collagenases I, II and IV (all at 1 mg/mL, Sigma-Aldrich) at 37ºC for 1 hour, 

according to a previously reported protocol.1-3 Cells pellets were washed, 

resuspended in erythrocyte lysis buffer (155 mM NH4Cl, 10mM KHCO3, 0,1mM 

EDTA), and incubated for 10 min at room temperature (RT). Cells were then washed 

and sequentially filtered through 100- and 70-μm cell strainers (Becton-Dickinson 

Falcon) to obtain single cell suspension. 

 

Fluorescence-activated Cell Sorting (FACS) and Flow Cytometry Analysis 

 Microvascular pericytes present in the adult and fetal skeletal muscles were 

purified by FACS following our published protocol.1-3 Cells (5-10x106) were incubated 

with one or all of the following directly conjugated mouse anti-human antibodies (all 

with 1:100 dilutions): anti-CD34-PE (DAKO), anti-CD45-APC-Cy7 (Santa Cruz), 

anti-CD56-PE-Cy7 and anti-CD146-FITC (both from AbD Serotec) at 4ºC for 20 min 

in the dark. As negative controls, isotype-matched mouse IgGs conjugated to PE 

(Chemicon), APC-Cy7 (Becton-Dickinson), PECy7 and FITC (Chemicon), were used. 

After washing, all labelled cells were incubated with 7-amino-actinomycin D (7-AAD) 

(Becton-Dickinson, 1:100) for dead cell exclusion and subsequently sorted on a 

FACSAria flow cytometer (Becton-Dickinson).  

 For quality control, flow cytometry was employed to examine the expression of 

cell lineage markers. As we previously reported,7 cultured pericytes at different 

passages were trypsinized and labelled with the following directly conjugated 

antibodies (all with 1:100 dilutions): anti-CD34-PE (Becton-Dickinson), anti-CD44-PE 

(Becton-Dickinson), anti-CD45-PE-Cy7 (Beckman Coulter), anti-CD56-PE 

(Chemicon), anti-CD73-PE (Zymed/Invitrogen), anti-CD90-APC (Becton-Dickinson), 

anti-CD105-PE (ImmunoTools) and anti-CD146-FITC (AbD Serotec) for 20 min at 4ºC 

in the dark and subsequently analyzed on a FACSAria flow cytometer. For analysis of 

alkaline phosphatase (ALP) expression, cells were incubated with anti-human ALP 

(Biogenesis, 1:30) and then with donkey anti-sheep Ig-FITC (AbD Serotec), each for 

20 min at 4°C. 

 



Cell Culture and Cell Labeling 

Sorted human microvascular pericytes were expanded and maintained in 

DMEM high glucose (Gibco, Invitrogen) supplemented with 20% FBS and 1% PS as 

we have previously described.2,3 Cell morphology, proliferation, and surface marker 

expression were monitored in long-term culture to ensure the quality of cells, using 

formerly published methods and criteria.2,3 Single donor-derived human umbilical 

cord vein endothelial cells (HUVECs) were purchased from Lonza and cultured in 

endothelial cell growth medium 2 (EGM-2, Lonza), following the manufacturer’s 

instructions.  

For gene transfer of green fluorescence protein (GFP), cultured pericytes at 

passages 7-10 were detached with 0.25% trypsin-EDTA (Gibco) and seeded at a 

density of 10,000 cells per cm2. After 24-48 hours, when the culture reached 60-70% 

confluence, the medium was replaced with transduction medium (α-MEM, 10% FBS, 

1% P/S, and 8 g/mL polybrene), and a lentivirus-based CMV-driven eGFP 

expression vector was added at a MOI of 10 as previously described.2 Following 

incubation for 16-18 hours at 37ºC, the transduction medium was removed and 

replenished by complete culture medium. Three days later, nearly 100% of cells 

expressed GFP. GFP-labeled cells were further expanded for 1-2 passages without 

significant adverse effect. For short-term in vitro experiments, cells were labelled with 

cell membrane dye, PKH26 (red) or PKH67 (green) (both from Sigma-Aldrich), 

following the manufacturer’s instructions. Dye-labeled cells were used for 

experiments immediately after labelling without further expansion. 

 

Intramyocardial Cell Transplantation in Acute Myocardial Infarction (AMI) Model 

The Institutional Animal Care and Use Committee at Children’s Hospital of 

Pittsburgh of UPMC and University of Pittsburgh approved the animal usage and 

surgical procedures performed in this study (Protocol 37-04, 55-07, and 0901681A-5). 

A Total of 78 male NOD/SCID mice (Jackson Laboratory, Bar harbor, ME, USA) were 

used for this study.  

After the induction of anesthesia, mice were intubated and inhalationally 

anesthetized with 2% isoflurane gas throughout the surgery. Myocardial infarction (MI) 

and cell injection have been performed as we previously reported.4-6 In brief, MI was 

induced by ligation of the left anterior descending coronary artery (LAD). Five minutes 

after the induction of infarction, 3x105 cells in 30µl of PBS were injected at three sites 

of the ischemic myocardium (center and two borders of the infarct). Control mice 

received injections of 30µl PBS following MI. The investigator creating the infarction 

injury and performing the injection was blinded to the content of the injectant. 



Echocardiography 

Echocardiographic studies were performed by a blinded investigator 

repeatedly before surgery and at 2 and 8 weeks post-surgery to assess the cardiac 

function as described previously.4-6 Concisely, mice were anesthetized with 2% 

isoflurane gas and immobilized on a heated stage equipped with electrocardiography. 

Murine heart rate and respiratory rate were continuously monitored while the body 

temperature was maintained at 37°C. Echocardiographic parameters were measured 

using a high resolution echocardiography system (Vevo 770, Visual Sonics). 

End-systolic dimension (ESD) and end-diastolic dimensions (EDD) were determined 

from the short axis images of the LV and measured from at least six consecutive 

beats using the M-mode tracing. End-systolic area (ESA) and end-diastolic area 

(EDA) were measured from short-axis images of the LV. Functional parameters, 

including LV fractional shortening (LVFS), LV fractional Area Change (LVFAC), and LV 

ejection fraction (LVEF), were determined as previously described.7-9 Mice died or 

sacrificed for histological analysis prior to 8 weeks post-injection were not included in 

the echocardiographic study. 

 

Histological and Immunohistochemical Analyses  

Animals were sacrificed at 1, 2, and 8 weeks post-surgery. Hearts were 

arrested in diastole by intraventricular injection of 1M potassium chloride (KCl) and 

processed as formerly described.4-6 Harvested hearts were flash frozen in 

2-methylbutane (Sigma) pre-cooled in liquid nitrogen and serially cryosectioned at 6-8 

µm thickness from apex to the ligation level (approximately 0.5 mm in length). Each 

series contains 21-24 heart sections, which are roughly 200 um apart originally and 

collected on one glass slide. Sections were fixed in a pre-cooled (-20°C) mixture of 

methanol and acetone (1:1) for 5 min or in 4% paraformaldehyde for 8 min prior to 

staining. Hematoxylin and eosin (H&E) staining was performed following the standard 

protocol. Non-specific antibody binding was blocked with 5% donkey or goat serum 

for 1 hour at room temperature (RT) and, if necessary, with the Mouse-on-Mouse 

(M.O.M.) antibody staining kit (Vector). 

For homing and cell fate tracing, anti-GFP immunofluorescent staining was employed 

to detect GFP signals. Briefly, after fixation in paraformaldehyde and blocking, 

sections were permeablized with 0.1% Triton in PBS and incubated at 37°C for 1 hour 

with rabbit anti-GFP antibody (Abcam, 1:1000) or at 4°C overnight with goat anti-GFP 

antibody (Abcam, 1:200), followed by incubation with donkey anti-rabbit-Cy3 IgG 

(Jackson Immunoresearch, 1:250) or donkey anti-rabbit-AlexaTM488 IgG (Molecular 

Probes, 1:250) for 1 hour at RT. To examine homing of donor cells, sections were 



then incubated overnight at 4°C with rat anti-mouse CD31 antibody 

(Becton-Dickinson Biosciences, 1:100), followed by goat anti-rat-AlexaTM488 IgG 

(Molecular Probes, 1:400) or donkey anti-rat-AlexaTM555 IgG (Molecular Probes, 

1:400). To examine expression of cardiomyocyte, smooth muscle cell, pericyte, and 

endothelial cell markers as well as Ki-67, MMP-2, connexin43, and human VEGF165, 

sections were first stained for GFP and then incubated overnight at 4°C with goat 

anti-cardiac troponin I (Abcam, 1:200), mouse anti-human SM-MHC (DAKO, 1:50), 

goat anti-NG2 (chondroitin sulphate, Santa Cruz, 1:50), sheep anti-human CD31 

(R&D systems, 1:50), mouse anti-human EphB2 (Abgent, 1:200), rabbit anti-Ki-67 

(Abcam, 1:200), goat anti-MMP2 (R&D systems, 1:50), rabbit anti-connexin43 

(Millipore, 1:200), or goat anti-human VEGF165 (R&D systems, 1:50) primary antibody, 

followed respectively by donkey anti-goat AlexaTM555 IgG, donkey anti-mouse 

AlexaTM555 IgG, and rabbit anti-sheep AlexaTM555 IgG (Molecular Probes, all 1:400). 

For evaluation of chronic inflammation, sections were incubated overnight at 4°C with 

rat anti-mouse CD68 primary antibody (Abcam, 1:200), followed by goat 

anti-rat-AlexaTM488 IgG. Nuclei were stained with 4',6-diamidino-2-phenylindole 

(DAPI) (Molecular Probes, 1:1000) at RT for 5 min 

 

Measurement of Cardiac Fibrosis and Infarct Wall Thickness  

Masson’s trichrome staining kit (San Marcos) was used to reveal collagen 

deposition on heart sections, following the manufacturer’s instructions. The area of 

the collagen deposition, representing cardiac fibrosis, and the area of the entire 

cardiac tissue (excluding the void space in the chamber cavity) were measured using 

a digital image analyzer (Image J). Fibrotic area fraction was estimated as the ratio of 

fibrotic tissue to the entire cross-sectional area of cardiac tissue and averaged from 6 

randomly selected sections at comparable infarct levels per heart. Left ventricular wall 

thickness at the center of the infarct was estimated as the mean of 3 adjacent 

measurements (0.25mm apart) and was averaged from 6 randomly selected sections 

at comparable infarct levels per heart.  

 

Measurement of Cellular Apoptosis 

To detect apoptotic cells, terminal dUPT nick end-labeling (TUNEL) staining 

was carried out according to the manufacturer’s protocol (ApopTag Plus Peroxidase 

In Situ Apoptosis Detection Kit; Chemicon, Temecula, California) and counter-stained 

with hematoxylin. Apoptotic cell number was estimated from 3-5 randomly selected 

low power fields of the infarct area at comparable infarct levels per heart, using image 

J. The results were normalized to cardiac tissue area.  



Quantification of Host Angiogenesis and Chronic Inflammation 

To quantify host angiogenesis in the heart, immunohistochemistry using 

anti-mouse endothelial cell marker, CD31, was performed on cryosections. The 

capillary density, represented by the number of CD31-positive capillary structures per 

mm2, was subsequently computed from 6 randomly selected images of the 

peri-infarct area or infarct region of each heart at the mid-infarct level, using Image J, 

as described previously.4-6 To evaluate chronic inflammation within the infarct region, 

we performed immunofluorescent staining of anti-mouse CD68 on cryosections and 

subsequently computed the infiltration index, represented by the number of 

CD68-positive host cells per mm2, from 8-10 randomly selected images of the entire 

infarct region of each heart at the mid-infarct level, using Image J. 

 

Quantification of Donor Cell Engraftment and Perivascular Homing 

To estimate the number of donor cells engrafted in the infarcted heart, 

quantification was performed on anti-GFP immunostained serial cryosections, using 

Image J. The number of GFP-positive cells (nuclei identified by DAPI) present in each 

heart cryosection was computed. The total number of GFP-positive cells within each 

heart was extrapolated as the sum of the number of GFP-positive cells in all serial 

sections (21-24 sections) times the number of section series, corrected by a 

section-collection-loss coefficient of 20%. The engraftment ratio was defined as the 

extrapolated total number of engrafted GFP-positive cells to the initial injection of 

3x105 cells. To estimate the number of donor cells that exhibited perivascular homing, 

quantification was performed on anti-GFP and anti-mouse endothelial cell marker, 

CD31, dual-immunostained serial cryosections, using Image J. Perivascular homing 

was defined as GFP-positive cells juxtapose CD31-positive mouse endothelial cells. 

The number of perivascular homing GFP-positive cells in each heart cryosection was 

computed. The total number of perivascular homing GFP-positive cells within each 

heart was extrapolated using the same formula described above. The perivascular 

homing ratio was defined as the extrapolated number of perivascular homing 

GFP-positive cells to the extrapolated total number of engrafted cells.    

 

Hypoxia Assay 

To assess the influence of the hypoxic microenvironment in human pericytes, 

we cultured cells under 2.5% O2 hypoxic conditions (with 5% CO2 and 92.5% N2) in 

vitro as formerly described.4,5 Concisely, pericytes were seeded in 6-well culture 

plates at 10,000 cells/cm2 and allowed the cells to reach 80-90% confluence under 

normoxia. Upon the transition to low O2 conditions, the complete culture medium was 



removed and cells were washed twice with PBS before defined, serum-free DMEM 

medium was added. Twenty-four hours later, cells were trypsinized and counted. The 

culture supernatant and cell pellets were collected for analysis. Cells cultured under 

normoxia with the serum-free medium served as controls. 

 

Semi-quantitative RT-PCR and Real-time Quantitative PCR (real-time qPCR) 

For semi-quantitative RT-PCR (sqRT-PCR), cells were lysed with RLT-plus 

lysis buffer supplemented with beta-mecaptoethanol. Total RNA (N=3) were extracted 

with the Qiagen RNeasy plus-mini-kits. RNA concentration was measured using 

TECAN plate reader system with the NanoQuant measurement program. From each 

sample, 500ng of total RNA were reverse transcribed with SuperScriptTM III cDNA 

synthesis kits (Invitrogen) in 20 µl reactions. PCR was performed in 25 µl reaction 

with Promega Gotaq system and reacted in Vapo.Protect PCR machine (Eppendorf) 

using the following program: 3 minutes for the initial denature, 32 cycles at (94°C for 

30 seconds, 55°C for 30 seconds, 72°C for 45 seconds) and final extension for 6 

minutes. PCR products were verified by 1% agarose gel electrophoresis. Images 

were captured using the GelDoc system with Quantify One 4.6.2 software. The 

intensities of the target gene bands were quantified using the same software, and 

normalized to those of the house keeping gene β-actin. 

For real-time qPCR, total RNA (N=6) was extracted from 1x105 cells using the 

Nucleospin RNA kit (Clontech). cDNA was synthesized with SuperScriptTM II reverse 

transcriptase (Invitrogen), according to the manufacturer’s instructions. cDNA and 

primers were added to SYBR Green PCR master mix (Applied Biosystems) according 

to the manufacturer’s instructions. The quantitative analyses were carried out in 

triplicate on an ABI Prism 7900HT sequence detection system in the core facility of 

the Genomics and Proteomics Core Laboratories of the University of Pittsburgh. All 

data were normalized to human cyclophilin, which was used as an internal control. 

Gene expression levels were analyzed using SDS 2.2 Software (ABI) and calculated 

based on the comparative ∆CT method (separate tubes). Data are presented as 

normalized expression level (in arbitrary units). Sequences of target gene 

primers/probes (IDT-Integrated DNA Technologies) used in real-time qPCR and 

sqRT-PCR are listed below in Supplemental Table T1 and T2 respectively. 

 

 

 

 

 



Supplemental Table T1. Primer sequences for real-time qPCR 

Gene Forward Reverse 

bFGF 

NM002006 

ccgttacctggctatgaagg tttccttgaccggtaagtattg 

HGF 

NM000601 

atatgtgctggggctgaaaa cacgaccaggaacaatgaca 

VEGF-A 

NM001025368 

gcgaggcagcttgagttaaa ctttcctggtgagagatctgg 

EGF 

NM001963 

ggtactctcgcaggaaatgg tccaccaccaattgctcata 

PDGF-β 

CU013138 

tcccgaggagctttatgaga gggtcatgttcaggtccaac 

TGF-β1 

NM000660 

cgactactacgccaaggaggt cggagctctgatgtgttgaa 

Flt-1 

NM002019 

cttcacctggactgacagca acagctggaatggcagaaac 

Flk-1 

NM002253 

tgctcaagacaggaagacca cttcgatgctttccccaata 

PDGFRβ 

NM002609 

catcagcagcaaggacaccat gaccttggtgtctagagagtcc 

 

IGF-1 

X57025 

gctggtggatgctcttcagt aagcagcactcatccacgat 

MMP-2 

NM004530 

gctcccggaaaagattgatgc acctagatgagtcggtcgtg 

MMP-9 

BC006093 

ttccctggagacctgagaac ctacgcacctctcagcttta 

Cyclophilin 

 

catctgcactgccaagactga gcaaagtgaaagaaggcatgaa 

 

 

 

 

 

 

 

 

 

 



Supplemental Table T2. Primer sequences for Semi-quantitative RT-PCR 

Gene Forward Reverse 

IL-6 

NM000600.3 

ccacaagcgccttcggtcca gtggctgtctgtgtggggcg 

LIF 

M63420.1 

acgccaacggcacggagaag tacccgaggtgtcagggccg 

COX-2 

NC000001.10 

gcgagggccagctttcacca cctgccccacagcaaaccgt 

HMOX1 

NM002133.2 

cgtccgcaacccgacagcat cagccttgcggtgcagctct 

MCP-1 

NM002982.3 

agctcgcactctcgcctcca gcatctggctgagcgagccc 

IL10 

NM000572.2 

gctgcacccacttcccaggc gacagcgccgtagcctcagc 

iNOS 

NM000625.4 

acccgagatggccagggtcc ccgcactcccttgtgctggg 

IL-1 

NM000575.3 

aatgacgccctcaatcaaag tgggtatctcaggcatctcc 

IL-4 

BC067514.1 

gccaccatgagaaggacact actctggttggcttccttca 

IFNγ 

BC070256 

tgaccagagcatccaaaaga ctcttcgacctcgaaacagc 

2,3-IDO 

NM194294 

ctggtcctgagcttcctcac cagcaccaagtctgagtgga 

HIF1 

NM001530 

tccatgtgaccatgaggaaa ccaagcaggtcataggtggt 

TNF 

HQ201306 

agcccatgttgtagcaaacc tgaggtacaggccctctgat 

Actin 

NM001101.3 

agcgggaaatcgtgcgtg cagggtacatggtggtgcc 

 

 

 

 

 

 



In vitro Vascular Network Formation 

 To demonstrate the vascular cell characteristics and the supportive function of 

cultured pericytes, we performed cell culture and co-culture experiments using 2D 

and 3D Matrigel systems and observed capillary-like network formation. In brief, 

350µl of Matrigel (Becton-Dickinson) was placed in each well of a 24-well plate and 

incubated at 37°C for 30 min. Fifty thousand pericytes were resuspended in 700µl of 

EGM2 and seeded onto the Matrigel-coated well. Experiments using 5x104 HUVECs 

were performed as controls. A 2D co-culture system using cells pre-labeled with cell 

membrane dye (PKH fluorescent dye, Sigma-Aldrich) was developed to observe 

pericyte-HUVEC interactions. Briefly, 5x104 PKH26-labeled HUVECs (red) and 5x104 

PKH67-labeled pericytes (green) were well mixed, resuspended in 700µl of EGM2, 

seeded onto Matrigel in a 24-well plate, and further cultured for 24 hours. An in vitro 

3D Matrigel culture system was used to investigate vascular support by pericytes. In 

short, 25x104 pericytes were resuspended in EGM2 and well mixed with 350µl of 

Matrigel in a 3:1 ratio before being encapsulated into one well of a 24-well plate and 

subsequently incubated for 72 hours. A small amount of EGM2 was added after 

gelation and exchanged every 24-48 hours. Experiments using 25x104 HUVECs were 

performed as controls. A 3D co-culture system using 25x104 PKH26-labeled HUVECs 

(red) and 25x104 PKH67-labeled pericytes (green) was performed in the same 

manner and subsequently cultured for 72 hours. All images were taken using an 

epi-fluorescence microscope (Nikon Eclipse TE 2000-U). 

 

Enzyme-linked immunosorbent assay (ELISA) 

 The secretion of growth factors and cytokines in culture supernatant was 

quantified by enzyme-linked immunosorbent assay (ELISA). Vascular endothelial 

growth factor (VEGF) secretion by microvascular pericytes was measured by human 

VEGF ELISA Kit (KHG0111, Invitrogen), following the manufacturer’s instructions. 

The secretion of angiopoietins-1 (Ang-1), angiopoietins-2 (Ang-2), and transforming 

growth factor (TGF)-β1 by pericytes was measured by human Ang-1 (DANG10, R&D 

Systems), Ang-2 (DANG20, R&D Systems), and TGF-β1 (DB100B, R&D Systems) 

ELISA Kits respectively, following the manufacturer’s instructions. Data are presented 

as pg/ml per 100,000 cells per 24 hours.   

 

Measurement of Cell Proliferation 

Murine RAW264.7 monocyte/macrophage-like cells (TIB-71, ATCC) or primary 

muscle and cardiac fibroblasts as well as skeletal myoblasts were quadruplicately 

plated (104 cells/well) in a 96-well plate.10 Four hours later, the culture media were 



changed to normoxic or hypoxic pericyte-culture conditioned media, or fresh 

serum-free media for control wells. Cells were subsequently cultured under ambient 

conditions for 72 hours. At this time, wells were washed and CellTiter 96® AQueous 

One Solution Cell Proliferation Assay (MTS) Reagent (G3582, Promega) in DMEM 

was added. The plate was incubated in 5% CO2 at 37 °C for 3 hrs, at which point the 

absorbance at 490 nm was read with a 96-well plate reader. For each cell type/culture 

condition, experiments were performed in quadruplicates and repeated 3 times 

independently. Results were averaged. One-way ANOVA with Bonferroni post-hoc 

test was used for statistical analysis.  

 

 

 

 

RESULTS 

Supplemental Figure S1 

 

         

Supplemental Figure S1. Fluorescence-activated cell sorting (FACS) of human 

muscle pericytes. Human muscle biopsies were mechanically dissociated and 

digested with collagenase. After labeling, single cells suspension was subjected to 

FACS to purify the pericyte population based on their differential expression of cell 

lineage markers, including robust expression of the pericyte/endothelial cell marker 

CD146 and absence of the myogenic, endothelial/stem, and hematopoietic cell 

markers: CD56, CD34 and CD45, respectively. Skeletal muscle-derived pericytes 

(CD146+/34-/45-/56-) sorted to homogeny were collected and expanded in vitro. 
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Supplemental Figure S2 
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Supplemental Figure S2. (A) Morphology of purified pericytes in long-term culture. 

Flow cytometry analysis revealed that cultured pericytes retain original cell surface 

marker expression, including the robust expression of CD146 and alkaline 

phosphatase (ALP) with the absence of CD34, CD45, and CD56. (B) Flow cytometry 

analysis showed that long-term cultured pericytes strongly express classic MSC 

markers: CD90, CD44, CD73 and CD105. 
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Supplemental Figure S3 

 

 

 

 

 

 

 

Supplemental Figure S3. Representative echocardiographic M-mode images of left 

ventricle (LV). End-systolic dimension (ESD) and end-diastolic dimension (EDD) were 

indicated. 

 

 

Supplemental Table T3 

Group Healthy Pericyte  

(averaged) 

PBS  

(control) 

Time (Post-MI) Pre-MI 2 weeks 8 weeks 2 weeks 8 weeks 

LVESD (mm) 2.1±0.1 2.9±0.1 3.3±0.1 3.6±0.1 4.5±0.3 

LVEDD (mm) 3.5±0.1 4.1±0.1 4.4±0.1 4.4±0.1 5.2±0.3 

LVESA (mm2) 3.3±0.3 6.1±0.2 7.4±0.5 8.5±0.4 12.4±0.8 

LVEDA (mm2) 6.6±0.4 9.4±0.2 10.6±0.6 11.0±0.4 15.1±0.9 

LVFS (%) 40.6±1.5 28.7±1.0 26.0±1.1 17.8±1.2 13.9±0.9 

LVFAC (%) 50.1±1.5 34.5±2.0 31.7±1.5 22.9±1.1 18.7±1.1 

LVEF (%) 70.2±1.6 53.8±1.3 49.1±1.8 36.5±1.7 29.9±1.7 

 

Supplemental Table T3. Echocardiographic parameters of pre- and post-MI 

NOD/SCID mouse hearts treated with or without pericytes. LV, left ventricle; ESD, 

end-systolic dimension; EDD, end-diastolic dimensions; ESA, end-systolic area; EDA, 

end-diastolic area; FS, fractional shortening; FAC, fractional area change; EF, 

ejection fraction. 

 

 



Supplemental Figure S4 

  

  

 

Supplemental Figure S4. Echocardiographic measurement of cardiac function in 

acutely infarcted hearts injected with either APs (CD146) or CD56+ myogenic 

progenitors (CD56) at 2 weeks post-infarction. APs and CD56+ myogenic progenitors 

were simultaneously sorted from a single adult muscle biopsy. Pericyte-treated hearts 

(N=6) exhibited significantly better LV function than CD56+ progenitor-treated ones 

(N=6) in multiple categories, including LVEDA (p=0.004), LVESA (p=0.002), LVFS 

(p=0.003), LVFAC (p=0.003), and LVEF (p≤0.001). 
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Supplemental Figure S5 

 

Supplemental Figure S5. Detection of host EC proliferation at 2 weeks 

post-infarction. Representative images of Ki-67 (green) and mouse CD31 (red) 

co-immunostaining (A) within the infarct region and (B) in the peri-infarct area of 

hearts injected with pericytes or PBS (scale bars=50m). Proliferating host ECs were 

identified as Ki-67/CD31 dual-positive cells (green/red arrows). (C) Pericyte-treated 

group had a significantly larger number of proliferating ECs both within the infarct 

region (p=0.034) and in the peri-infarct area (p=0.025) than PBS control group (N=3 

per group). 



Supplemental Figure S6 

 
Supplemental Figure S6. (A-D) Donor pericytes (stained in red by anti-GFP) were 

particularly abundant in the peri-infarct area where host CD31(+) capillaries (mouse 

CD31 stained in green) remained largely intact (scale bar=50m).  

 

Supplemental Figure S7 

 

Supplemental Figure S7. Expression of the pericyte marker NG2 (chondroitin 

sulphate) was detected in the majority of, but not all, GFP-positive donor pericytes at 

2 weeks post-infarction (scale bar=10m). 



Supplemental Figure S8 

 



 

Supplemental Figure S8. Tracking cardiac cell lineage fates of donor pericytes. 

Confocal microscopy revealed that in the peri-infarct area (A-C) a minor fraction of 

GFP-labeled pericytes co-expressed a mature cardiomyocyte marker, cardiac 

troponin-I (cTn-I), while additional GFP(+) cells remained in the interstitium ([A], main, 

scale bar=50m); a few of them appear single-nucleated ([A], inset, scale bar=10m) 

(cTn-I in red, Anti-GFP in green). (D-F) Immunofluorescent detection of GFP-cTn-I 

dual-positive cardiomyocytes integrating within the residual myocardium (scale 

bar=50m) with dotted area enlarged in (G-I) showing sarcomeric patterns (scale 

bar=20m). (J-L) A very small number of GFP(+) pericytes (<1%) co-expressed 

human-specific CD31 (hCD31 in red, Anti-GFP in green; scale bar=10m). (M-O) 

Few donor pericytes (<0.5%) expressed human-specific SM-MHC (hSM-MHC in red, 

Anti-GFP in green; scale bar=10m). (P-R) Negative control images were taken from 

sections immunostained only with matching fluorescence-conjugated secondary 

antibodies (no primary antibody) (Cy3 in red, AlexaTM488 in green; scale bar=10m).  



 

 

Supplemental Figure S9 
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Supplemental Figure S9. Comparison of total and proliferating cell density within the 

infarct area at 2 weeks post-infarction. (A) Pericyte-injected hearts had a significantly 

less number of cells within the infarct area than the PBS-injected controls (p<0.05, 

N=5 per group). (B) A cell proliferation marker, Ki-67, was used to detect proliferating 

cells within the infarct area. No statistical difference in Ki-67(+) proliferating cell 

density was observed between pericyte- and PBS-injected hearts (p=0.808, N=3 per 

group). 
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Supplemental Figure S10 

 

 

Supplemental Figure S10. (A) Terminal dUPT nick end-labeling (TUNEL) staining 

revealed the apoptotic cells within the infarct region of pericyte- or PBS-injected 

hearts. (B) Quantification of the apoptotic cell number (N=5 per group) showed no 

statistical difference between pericyte treatment (12.55±1.87 cells/mm2) and PBS 

injection (9.01±2.55 cells/mm2) at 2 weeks post-infarction (p=0.296). 
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Identification of cells that are endowed with maximum 
potency could be critical for the clinical success of cell-
based therapies. We investigated whether cells with 
an enhanced efficacy for cardiac cell therapy could be 
enriched from adult human skeletal muscle on the basis 
of their adhesion properties to tissue culture flasks fol-
lowing tissue dissociation. Cells that adhered slowly 
displayed greater myogenic purity and more readily dif-
ferentiated into myotubes in vitro than rapidly adhering 
cells (RACs). The slowly adhering cell (SAC) population 
also survived better than the RAC population in kinetic 
in vitro assays that simulate conditions of oxidative and 
inflammatory stress. When evaluated for the treatment 
of a myocardial infarction (MI), intramyocardial injec-
tion of the SACs more effectively improved echocardio-
graphic indexes of left ventricular (LV) remodeling and 
contractility than the transplantation of the RACs. Immu-
nohistological analysis revealed that hearts injected with 
SACs displayed a reduction in myocardial fibrosis and an 
increase in infarct vascularization, donor cell prolifera-
tion, and endogenous cardiomyocyte survival and pro-
liferation in comparison with the RAC-treated hearts. In 
conclusion, these results suggest that adult human skel-
etal muscle-derived cells are inherently heterogeneous 
with regard to their efficacy for enhancing cardiac func-
tion after cardiac implantation, with SACs outperform-
ing RACs.

Received 4 November 2010; accepted 21 September 2011; advance 
online publication 00 Month 2011. doi:10.1038/mt.2011.229

IntroductIon
Skeletal muscle is an attractive source of progenitor cells for 
autologous cell therapy due to its abundance and accessibility. 
Progenitor cells in skeletal muscle, generally referred to as myo-
blasts (or satellite cells), are numerous and heterogeneous in 
nature.1 The potential use of myoblasts for treating muscle dis-
orders has been hindered, at least in part, by high rates of cell 
death after transplantation.2–4 Recently, there has been interest 

in the identification and purification of populations of skeletal 
muscle-derived cells with the greater potential for cell-based 
therapies.1,2,4–16

We and others have used the preplate isolation technique to frac-
tionate skeletal muscle progenitor cells from rodent skeletal muscle 
on the basis of selective adhesion characteristics to tissue culture 
flasks.17 Isolating cells with this method yields cell populations 
that are classified by a rapid or slow adherence to the culture flask. 
Skeletal myoblasts derived from the rapidly adhering cell (RAC) 
fraction of rodent skeletal muscle were poor at muscle regenera-
tion when transplanted into both skeletal and cardiac muscles.14–16 
In contrast, murine skeletal muscle-derived stem cells (MDSC) 
derived from the slowly adhering cell (SAC) fraction demonstrated 
a significant improvement in skeletal muscle regeneration in com-
parison with the rapidly adhering myoblast population.14,15 In 
addition, after intramyocardial injection into a murine model of an 
acute myocardial infarction (MI), hearts transplanted with MDSCs 
demonstrated a greater improvement in cardiac function in com-
parison with hearts transplanted with myoblasts.16 The mecha-
nisms underlying the functional difference between MDSC and 
myoblasts were attributed to the ability of the MDSCs to survive 
and engraft significantly better than the myoblasts.16 The survival 
of MDSCs may have led to improvements in the attenuation of 
adverse remodeling and capillary density throughout the infarcted 
tissue. These effects were presumably mediated through long-term 
secretion of factors by the engrafted MDSCs, since differentiation 
into de novo cardiomyocytes was an extremely rare occurrence.16 
Although these promising results were observed with rodent skel-
etal muscle, it remained to be determined whether RAC and SAC 
isolated from human skeletal muscle would produce similar out-
comes after cell transplantation into the heart.

Here, we isolated and characterized RAC and SAC from human 
skeletal muscle. The efficacy of both populations was evaluated in 
an MI model using immunodeficient mice. Our results indicate 
that the slowly adhering fraction of human skeletal muscle-derived 
cells more effectively improved cardiac function when compared 
with the rapidly adhering fraction. The SAC also demonstrated 
greater survival under conditions of oxidative and inflammatory 
conditions of stress in vitro when compared with the RAC.
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Isolation of Slow Adhering Human Muscle Cells With High Resistance to Stress

results
Myogenic purity of rAc and sAc populations
Each cell population was analyzed for myogenic purity as deter-
mined by CD56 flow cytometry analysis. SAC populations 
contained a higher percentage of CD56-expressing cells when com-
pared with the RAC populations (Figure 1a, SAC 83 ± 3% CD56-
positive, RAC 39 ± 17%, n = 3 populations per group, P = 0.07).

Myogenic gene expression profiles
Evaluation of myogenic lineage genes in both the RAC and SAC 
populations demonstrated substantial expression of the myo-
genic cell markers desmin (DES) and m-cadherin (CDH15) as 
well as the myogenic determination gene MYOD1 and the myo-
genic regulatory factor MYF5 relative to the endogenous control 
gene IPO8 (Figure 1b, average values of n = 3 donors). A mod-
est expression of the PAX7 transcription factor, which regulates 
the myogenic differentiation of satellite cells, was also detected 
(Figure 1b). Very low expression of the early satellite cell marker 
PAX3 and the myogenic regulatory factors myogenin (MYOG) 
and MYF6, which are both involved in the specification of skel-
etal myoblasts into terminally differentiated myotubes, were 
observed (Figure 1b). As expected, a very low level of the skel-
etal muscle myosin heavy chain 2 (MYH2) gene, which is spe-
cifically expressed by terminally-differentiated skeletal myotubes, 
was detected in both populations, confirming that the RAC and 
SAC populations did not undergo terminal differentiation during 

expansion under normal culture conditions (Figure 1b). Of the 
myogenic genes expressed by both cell populations, the SAC 
populations demonstrated increased expression of the follow-
ing myogenic lineage genes relative to the RAC populations: DES 
(SAC: 1.6 ± 0.4 relative to RAC, n = 3 donors, P = 0.218), CDH15 
(1.4 ± 0.5, P = 0.454), PAX7 (3.5 ± 1.1, P = 0.082), MYOD1 (2.0 ± 
0.4, P = 0.066), and MYF5 genes (1.7 ± 0.3, P = 0.108) (Figure 1c). 
These findings correlate with the higher levels of myogenic purity 
observed in the SAC populations in comparison with the RAC 
populations (Figure 1a).

The presence of other cell types in the RAC and SAC popula-
tions that could have been co-isolated from human skeletal muscle 
was evaluated based on the expression levels of lineage-specific 
genes. We observed undetectable or minimal expression of the 
endothelial cell-specific gene von Willebrand factor (VWF), the 
smooth muscle cell lineage gene calponin 1 (CNN1), the adipocyte-
expressed gene glycerol-3-phosphate dehydrogenase 1 (GPD1), 
the preadipocyte gene delta-like homolog (DLK1, alias PREF,1 and 
the pan-hematopoietic gene protein tyrosine phosphatase receptor 
type C (PTPRC, alias CD45) (Figure 1d). The SAC populations also 
displayed lower expression relative to the RAC populations of the 
extracellular matrix genes fibronectin (FN1, 0.53 ± 0.15, P < 0.05) 
and collagen type IV (COL4A1, 0.54 ± 0.11 quantity relative to 
RAC, P < 0.05), which are highly expressed by fibroblasts.18 Taken 
together, these results suggest that the nonmyogenic cells (CD56−) 
within the RAC and SAC populations were fibroblasts, as expected.
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Myogenic differentiation
The myogenic differentiation potential of RAC and SAC 
was measured in vitro by creatine kinase activity, an enzyme 
expressed in differentiated myogenic cells. When subjected to 
culture conditions that support terminal differentiation, the 
SAC populations displayed higher creatine kinase activity val-
ues when compared with the RAC populations, indicating that 
SAC more rapidly differentiated into skeletal myotubes than 
RAC (Figure 1f, SAC 194 ± 13 U/L, RAC 66 ± 16, n = 3 popula-
tions per group, P < 0.05).

expression of paracrine factors
Under normal culture conditions, RAC and SAC highly expressed 
vascular endothelial growth factor A (VEGFA) and transforming 
growth factor-β1 (TGFβ1) genes. At lower levels, RAC and SAC pop-
ulations also expressed fibroblast growth factor 2 (FGF2), platelet-
derived growth factor-β (PDGFβ), angiopoietin 1 (ANGPT1), and 
hepatocyte growth factor (HGF) genes (Supplementary Figure S1). 
The RAC and SAC displayed minimal expression of insulin-like 
growth factor 1 (IGF1) and growth factors associated with neural 
development including nerve growth factor (NGF), brain-derived 
neurotrophic factor (BDNF), glial cell-derived neurotrophic factor 
(GDNF), and neuregulin 1 (NRG1) (Supplementary Figure S1). 
Overall, both cell populations displayed a similar gene expression 
profile of these paracrine factors.

cell proliferation and survival under stress in vitro
The proliferation of RAC and SAC in culture was measured by a 
live cell imaging system every 12 hours for a period of 60 hours 
(Figure 2a). The SAC displayed a higher growth rate than the 
RAC (Figure 2a, 60 hours time point values: SAC 3.6 ± 0.4 cells 
normalized to initial cell number, RAC 2.4 ± 0.3, n = 3 popula-
tions per group; P < 0.05).

The cells’ ability to survive conditions of oxidative and inflam-
matory stresses was evaluated in vitro with a cellular viability 
assay that was monitored in real-time with the live cell imaging 
system (Figure 2b,c). Under culture conditions of hydrogen per-
oxide-induced oxidative stress, a greater percentage of viable SAC 
were observed at all time points when compared with the RAC 
(Figure 2b, 72 hours time point values: SAC 48.1 ± 4.4% viability, 
RAC 27.7 ± 3.1%, n = 3 populations per group, P < 0.05). When 
exposed to inflammatory stress conditions with tumor necrosis 
factor-α, almost 40% of the RAC died whereas more than 85% of 
the SAC remained viable (Figure 2c, 72 hours time point values: 
SAC 86.1 ± 3.7% viability, RAC 61.2 ± 6.4%, n = 2 populations per 
group, P < 0.05). These results suggest that the SAC are more resis-
tant to cellular death than the RAC when subjected to oxidative 
and inflammatory stresses, which are both likely conditions that 
cells will experience when injected directly into an acute MI.19

Intramyocardial injection and echocardiographic 
evaluation of cardiac function
The effect of human skeletal muscle-derived RAC and SAC for 
cardiac cell transplantation was assessed in an immunodeficient 
mouse model of an acute MI. We injected infarcted mice with 
cell populations isolated from three male donors (n = 27 mice for 
RAC, n = 22 for SAC, and n = 21 for control injections). The RAC 

and SAC prepared for injection and frozen in cryopreservation 
medium displayed comparable viability and recovery post-thaw at 
the time of injection (post-thaw viability: RAC 89.4 ± 3.1%, SAC 
89.6 ± 1.2%, P = 0.963; post-thaw recovery: RAC 68.4 ± 1.6%, SAC 
74.9 ± 3.7%, P = 0.189).

Two weeks after infarction, cellular transplantation induced 
a modest decrease in left ventricular (LV) diastolic dimensions, 
as measured by end diastolic area, when compared with control 
vehicle injection (Figure 3a, SAC 11.9 ± 0.5 mm2, RAC 12.6 ± 0.6, 
control 14.0 ± 0.7). Both cell groups had significantly smaller LV 
systolic dimensions when compared with the control group, as 
assessed by end systolic area (SAC 8.8 ± 0.4 mm2, RAC 10.1 ± 0.6, 
control 11.9 ± 0.6; P < 0.05, RAC and SAC versus control). A greater 
improvement in LV contractility, as determined by fractional area 
change values, was observed in the cell-treated hearts when com-
pared with the control vehicle-treated hearts 2 weeks after MI 
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(Figure 3b, SAC 25.6 ± 1.4%, RAC 20.6 ± 1.2%, control 15.3 ± 1.1%; 
P < 0.05, RAC and SAC versus control). The hearts injected with 
the SAC demonstrated significant improvement of LV performance 
when compared with the RAC (Figure 3b; P < 0.05, SAC versus 
RAC). When cardiac echocardiography data was separated by donor 
age, the SAC showed greater efficacy versus the RAC primarily in 
the older donors (57 and 70 year males) (Supplementary Table 
S1). In contrast, the SAC and RAC derived from the young donor 
(13-year-old male) demonstrated comparable outcomes, indicating 
that the selection of SAC may be the most critical from older donors 
(Supplementary Table S1). Overall, these results indicate that the 
SAC more effectively attenuated adverse remodeling and improved 
cardiac function when compared with the RAC, particularly when 
these cell populations were isolated from older donors.

cardiac scar tissue
The extent of scar tissue formation within the LV was evaluated 
using Masson’s trichrome stain (Figure 4a–c). Two weeks follow-
ing a MI, a reduction in scar tissue was observed in both RAC- 
and SAC-injected hearts compared with control vehicle-injected 
hearts (Figure 4d, SAC 45.8 ± 6.6% scar, RAC 60.9 ± 7.1%, control 
77.5 ± 5.3%). However, only the SAC significantly attenuated scar 
tissue formation following an acute MI when compared with the 
controls (Figure 4d, P < 0.05, SAC versus control).

transplanted cell engraftment and proliferation
Donor myocytes were observed within the infarct zone by colo-
calization of Masson’s trichrome stain (arrows, Figure 5a) and 
fast skeletal MYH immunostaining (arrows, Figure 5b). These 
engraftments were frequently surrounded by scar tissue along 

the ischemic border zone (arrowheads, Figure 5a,b). The area of 
MYH+ tissue within the myocardium of the LV was comparable 
between hearts injected with the RAC and SAC (SAC 3.5 ± 1.2% 
MYH+ tissue in the myocardium, RAC 3.8 ± 0.8%, P = 0.864, SAC 
versus RAC). The presence of nuclei expressing proliferating cell 
nuclear antigen (PCNA) using a human-specific PCNA antibody 
further confirmed donor cell engraftment and indicated donor 
cell proliferation in vivo (Figure 5c). We observed proliferative, 
PCNA-positive donor cells more frequently in the SAC-injected 
hearts than in the RAC-injected hearts (Figure 5d, SAC 2.0 ± 0.3 
PCNA+/MYH+ cells, RAC 0.4 ± 0.3; P < 0.05, SAC versus RAC). 
These findings confirm the engraftment of the injected human 
cells within the murine myocardium, and suggest that the SAC 
proliferate at higher levels than the RAC in vivo.

Angiogenesis
Capillary density within the infarct tissue was assessed by CD31 
immunostaining (Figure 6a–c). More capillaries were observed 
within the infarct area of hearts treated with the SAC when com-
pared with hearts injected with the RAC and the control vehicle 
(Figure 6d, SAC 723 ± 63 capillaries/mm2, RAC 560 ± 21, con-
trol 548 ± 31; P < 0.05, SAC versus RAC and control). These find-
ings indicate that transplanted SAC may induce a more potent 
angiogenic effect within the infarcted hearts when compared with 
transplanted RAC and the control.

endogenous cardiomyocyte apoptosis and 
proliferation
Endogenous cardiomyocyte apoptosis and proliferation was eval-
uated at 3 days after MI. Multi-label staining for terminal dUPT 
nick end-labeling (TUNEL) and cardiac Troponin I (cTnI) was per-
formed to determine the effect of cell implantation on endogenous 
cardiomyocyte apoptosis in the peri-infarct regions (Figure 7a). 
Hearts injected with SAC contained less apoptotic  cardiomyocytes 
within the peri-infarct regions when compared with hearts trans-
planted with RAC and the control vehicle (Figure 7b, SAC 203 ± 29 
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TUNEL+/cTnI+ cells in four high power fields, RAC 321 ± 68, con-
trol 404 ± 81; P < 0.05, SAC versus control).

The number of proliferating cardiomyocytes present within 
the infarct border zone was measured by Ki-67 and cTnI dual label 
immunostaining (Figure 7c). Hearts injected with SAC contained 
more proliferating cardiomyocytes within the infarct border zone 

than hearts injected with either the RAC or the control (Figure 7d, 
SAC 34 ± 5 Ki-67+/cTnI+ cardiomyocytes in 8 high power fields, 
RAC 12 ± 3, control 4 ± 2; P < 0.05, SAC versus RAC and con-
trol). Taken together, these results suggest that the transplantation 
of SAC induced a beneficial effect on endogenous cardiomyocyte 
proliferation and apoptosis within the peri-infarct region.

dIscussIon
The main finding in this study is that the SAC fraction is more 
effective at improving cardiac function than the RAC fraction 
derived from human skeletal muscle, which is a result that is 
consistent with our studies investigating progenitor cells from 
murine skeletal muscle for cardiac repair.16 These results support 
the notion that human skeletal muscle-derived progenitor cells 
are heterogeneous not just in terms of cellular composition but of 
potency for cardiac cell transplantation.

Isolation of human skeletal muscle-derived cells on the basis 
of adhesion rates to tissue culture flasks using the preplate tech-
nique produced RAC and SAC populations that exhibit distinct 
characteristics and behavior. Our results in vitro demonstrate that 
myogenic progenitor cells with the highest myogenic purity and 
the strongest propensity for myogenic differentiation are purified 
in the SAC fraction rather than the RAC fraction. Interestingly, 
these findings in human skeletal muscle are consistent with the use 
of the preplate technique to isolate progenitor cells from murine 
skeletal muscle.14 In the mouse, we observed that cells that adhered 
slowly also displayed greater myogenic purity based on DES 
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expression when compared with cells that adhered  rapidly.14 In 
addition, the murine SAC population displayed a greater ability to 
regenerate skeletal muscle than the RAC population.14 The mecha-
nism underlying differential adhesion rates to tissue  culture flasks 
is unknown at this point; however, these differences may result 
from a variety of factors including the expression of specific adhe-
sion molecules and cellular density.17 We are initiating research 
to determine whether other human skeletal  muscle- derived cell 
populations, including CD34+CD90− cells,5 myogenic endothe-
lial cells12,13 and pericytes,10,11 are being collected preferentially 
in the slowly adhering fraction. Due to the limited number of 
cells (<100) contained within the slowly adhering fraction before 
expansion, and the known change in expression of many surface 
markers with time in vitro, flow cytometry characterization with a 
series of cell surface markers on the same populations used in this 
study for injection was not achievable.

The mechanism underlying the advantage of the SAC over 
RAC population for functional restoration after a MI may be 
multi-faceted.7,16,20–25 A proposed aspect for the observed func-
tional difference might be the varying ability of the transplanted 
cells to prevent adverse remodeling. SAC-treated hearts displayed 
a considerable reduction in end-systolic geometry when com-
pared with RAC-injected hearts, suggesting that SAC induced a 
more effective attenuation of adverse remodeling. In clinical trials, 
skeletal myoblasts have shown a positive remodeling effect in the 
first randomized, placebo-controlled study of skeletal myoblast 
transplantation for cardiac repair (MAGIC trial).26 The observed 
differences in end-systolic dimensions between the SAC and RAC 
could be attributed to the greater reduction in scar tissue in SAC-
treated hearts when compared with hearts treated with RAC.

The reduced size of the infarct scar may be due to the pres-
ervation of at-risk cardiomyocytes, stimulation of endogenous 
cardiomyocyte proliferation, vascularization of the infarct scar, 
and/or the secretion of paracrine factors that regulate fibrosis. 
Three days after MI, we observed a significant increase in the num-
ber of proliferating cardiomyocytes and decrease in the number of 
apoptotic cardiomyocytes within the peri-infarct zone of hearts 
injected with SAC when compared with hearts injected with RAC 
and the control vehicle. We did not determine how the injected 
cells stimulated proliferation and protection of at-risk myocar-
dium; however, at such an early time point after MI (3 days), a 
reasonable hypothesis is that this effect is due to the release of 
paracrine factors by the injected cells that stimulate cell survival 
and proliferation. Furthermore, various reports have shown that 
implanted cells promote infarct angiogenesis and have established 
a correlation between neovascularization and functional recov-
ery of the heart after MI.13,16,27,28 Here, we also observed a greater 
induction of angiogenesis within the infarct in SAC-treated hearts 
than in RAC-treated hearts, which may also support the attenua-
tion of adverse infarct remodeling.26,29

The cells’ ability to influence the host cells within the microen-
vironment through the release of paracrine molecules may repre-
sent a major determinant in the healing capacity of transplanted 
cells.30,31 Here, we showed that both RAC and SAC express similar 
levels of various angiogenic and neurogenic genes under normal 
culture conditions. Many of the angiogenic factors expressed by 
the RAC and SAC, especially VEGFA, HGF, TGFB1, and FGF2, 

have been shown to be expressed by human skeletal myoblasts, 
bone marrow mononuclear cells, adipose stromal cells, and bone 
marrow stromal cells.32–37 In addition to stimulating angiogen-
esis, factors secreted by transplanted cells may activate signaling 
cascades that regulate fibrosis and the survival and proliferation 
of recipient cells in and around the infarct zone. Human skeletal 
muscle-derived cells likely express a wide variety of paracrine fac-
tors that far surpass the small battery of genes evaluated by others 
and us.32,33 It is not unexpected that both the RAC and SAC popu-
lations express similar levels of the tested paracrine factors under 
normal culture conditions, since the level of cellular secretion of 
these factors may be primarily dependent on the cells’ response to 
the environmental cues of the myocardial microenvironment and 
disease state (e.g., ischemia).13,16,27,28

Furthermore, the magnitude of the paracrine effect may 
be contingent on cell survival post-transplantation. The abil-
ity of transplanted cells to survive and proliferate, particularly 
when implanted directly into the harsh milieu of a myocardial 
infarct, may be critical for the cells to exert a lasting and signifi-
cant  biological effect, including the extended release of paracrine 
factors.19 In our research with muscle progenitor cells isolated 
from human and murine skeletal muscle, we have consistently 
observed that transplanted SAC regenerate larger and more dura-
ble engraftments of skeletal myocytes than transplanted RAC.14–16 
We hypothesize that the preplate technique inherently selects for 
stress-resistant cells in the slowly adhering fraction, since these 
cells are able to tolerate suspension-induced stresses and anoi-
kis during isolation.38,39 Therefore, the SAC may represent a cell 
population endowed with an elevated resistance to stress. We have 
recently shown that muscle stem cells derived from the SAC frac-
tion of murine skeletal muscle have an ability to survive under 
stress due to elevated levels of antioxidant expression.40,41 Future 
research will evaluate whether human SAC also display similar 
antioxidant characteristics.

A limitation of this study is of the fact that the skeletal muscle-
derived cells were injected immediately after a MI, which is not 
entirely relevant to an actual clinical scenario for autologous trans-
plantation. In reality, the cells would require at least several weeks 
in order to cultivate a sufficient number of cells before  treatment. 
Although we could not replicate the exact clinical  conditions 
with this animal model, these findings may still provide mean-
ingful information regarding the heterogeneity of human skeletal 
 muscle-derived cells for cardiac cell transplantation.

In conclusion, the isolation of adult human skeletal muscle-
derived cells on the basis of adhesion rates to tissue culture flasks 
enriches for cell fractions that support distinct levels of functional 
improvement when transplanted into ischemic myocardium. 
Selection of the best progenitor cell population from human skel-
etal muscle may aid in the translation of cell-based products for 
clinical applications of tissue repair.

MAterIAls And Methods
Animals. The Institutional Animal Care and Use Committee at the Children’s 
Hospital of Pittsburgh approved the animal and surgical procedures per-
formed in this study (Protocol 37/04). A total of 70 male nonobese dia-
betic/severe combined immunodeficient mice (NOD/SCID, strain NOD.
CB17-Prkdcscid/SzJ, The Jackson Laboratory, Bar Harbor, ME) between 
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13 and 22 weeks of age were used for this study. Creation of the acute MI 
model in adult mice and injection of thawed cells (3 × 105 cells in 30 µl) or 
control medium (30 µl) was performed in a blinded fashion, as previously 
described.16 Echocardiography was also conducted in a blinded fashion to 
assess heart function, as previously described.13,16 Additional information 
can be found in the Supplementary Materials and Methods.

Cells. RAC and SAC populations were isolated from human rectus abdomi-
nus skeletal muscle biopsies (50–250 mg) using the preplate technique.17 
Tissues were procured from 13, 57, and 70-year-old male donors (13M, 
57M, and 70M, respectively). Isolation, culture expansion, and prepara-
tion of cells for injection are further detailed in Supplementary Materials 
and Methods. Cell populations from each donor were cryopreserved for 
injection at the following culture passages: 13M–RAC passage 4 and SAC 
passage 5–7, 57M–RAC passage 6 and SAC passage 5, 70M–RAC passage 
8 and SAC passage 7. Post-thaw recovery and viability were evaluated from 
aliquots of the frozen cell suspensions that were prepared and cryopre-
served for injection using the Viacount viability stain (Millipore, Hayward, 
CA) and Guava PCA flow cytometry system (Millipore).

Gene expression profile. RNA was purified from 1 × 105 cells for gene 
expression analysis immediately following the thaw of the cryopreserved 
stocks of cultured cells. The number of passages of the RAC and SAC were 
closely matched for the populations derived from the 13M (passage 7 for 
RAC and passage 6 for SAC), 57M (passage 6 for both populations), and 
70M donor tissues (passage 3 for both populations).

Total RNA was isolated using the RNeasy Mini kit (Qiagen, Valencia, 
CA) and was reverse transcribed to cDNA (Applied Biosystems, Foster 
City, CA). Gene expression was measured using real-time quantitative 
PCR (see Supplementary Materials and Methods for detailed methods). 
All target genes were normalized to the reference housekeeping gene 
IPO8 (Applied Biosystems, Hs00183533_m1). Relative quantity of 
gene expression was calculated as total amount of RNA based on the 
comparative ΔCT (i.e., relative expression level to endogenous control 
gene IPO8) and ΔΔCT methods (i.e., relative expression level to the RAC 
population for each donor).

Myogenic assays. Myogenic purity analysis was performed on cellular sus-
pensions using a PE-conjugated CD56 antibody (1:50; BD Pharmingen, 
San Diego, CA). The Guava PCA flow cytometry system measured the per-
centage of cells expressing CD56. Cell populations from each donor were 
evaluated at the following culture passages: 13M–RAC passage 4 and SAC 
passage 5–7, 57M–RAC passage 6 and SAC passage 5, 70M–RAC passage 
8 and SAC passage 7.

To determine the myogenic differentiation potential of each 
population, cells were seeded onto a culture plate with low-serum 
differentiation medium and allowed to differentiate. Cell populations from 
each donor were evaluated at the following culture passages: 13M–RAC 
passage 4–5 and SAC passage 6–7, 57M–RAC passage 6 and SAC passage 
5, 70M–RAC passage 4 and SAC passage 4. Terminal differentiation into 
multi-nucleated myotubes was measured with an assay that measured 
creatine kinase (CK) activity levels of differentiated cultures using the 
CK Liqui-UV Test Kit (Stanbio Laboratory, Boerne, TX) according to the 
manufacturer’s instructions.42

Cell proliferation and survival assays. Cell proliferation under normal 
culture conditions and cell viability under stress conditions were evaluated 
with kinetic assays.12,40,41 Cells were cultured for 60 hours in a live cell imag-
ing system (Automated Cell, Pittsburgh, PA), which contains an incuba-
tion chamber for controlling temperature, humidity and CO2 gas levels. The 
number of cells was measured in images acquired at 12-hour intervals.

Cell viability under stress conditions was analyzed as previously 
described.12,40,41 Briefly, cells were cultured in a live cell imaging system for 
72 hours in medium supplemented with propidium iodide (1:500, Sigma, 
St Louis, MO) to stain dead cells and either hydrogen peroxide (300 µmol/l; 

Sigma) or tumor necrosis factor-α (10 ng/ml; Sigma) to induce cell death 
by oxidative and inflammatory stresses, respectively. Brightfield and 
fluorescent images were captured repeatedly at 10-minute intervals in the 
live cell imaging system for the entire 72-hour period. The percentage of 
viable cells (i.e., propidium iodide exclusion) was measured from images 
acquired at 12-hour intervals using imaging software.

Histology and immunohistochemistry. Mice were sacrificed at 3 days, 
2 weeks or 6 weeks after cell transplantation. We harvested the hearts, froze 
the tissue in 2-methylbutane precooled in liquid nitrogen, and serially 
sectioned the hearts from the apex to the base, as previously described.13 
Sections were then stained for fast skeletal MYH (1:200–1:400; Sigma) 
expression, as previously described.20 The engraftment area ratio was 
defined as the area of MYH-positive tissue divided by the total area of the 
LV myocardium, which was identified by co-staining for cTnI (1:20,000; 
Scripps, San Diego, CA). To detect proliferating cells within the engraft-
ment, tissue was stained with human anti-human PCNA antibody (1:400; US 
Biological, Swampscott, MA).13 In sections stained with Masson’s trichrome 
(IMEB, San Marcos, CA), scar area fraction was defined as the ratio of scar 
area to the cardiac LV muscle area and was averaged from five sections per 
heart, as previously described.13 To measure capillary density, we stained 
heart muscle sections with an anti-mouse CD31 (platelet/endothelial cell 
adhesion molecule-1) antibody (BD Pharmingen).16 The TUNEL assay was 
performed using the ApopTag Plus Peroxidase In Situ Apoptosis Detection 
Kit (Chemicon, Temecula, CA) according to manufacturer’s instructions.13 
We carried out the Ki-67 (1:50; Dako, Glostrup, Denmark) and cTnI 
dual label immunostaining, as previously described, using the SG sub-
strate kit (blue stain, Vector Laboratories, Burlingame, CA) and the AEC 
(3-amino-9-ethylcarbazole) substrate kit (red stain, Vector Laboratories), 
respectively.13 Additional immunostaining methods are provided in the 
Supplementary Materials and Methods.

Statistical analysis. All measured data are presented as the mean ± SE of 
the mean. A t-test or a one-way analysis of variance was performed when 
comparing two groups or more than two groups, respectively. Analysis 
of variance post hoc analysis was conducted with the Tukey multiple 
comparison test. Statistical significance was defined by a value of P < 
0.05. All calculations were performed using SigmaStat (Systat Software, 
San Jose, CA).

suPPleMentArY MAterIAl
Figure S1. Cytokine gene expression profile.
Table S1. Echocardiographic data separated by donor cell populations.
Materials and Methods.
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